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Abstract
Lytic polysaccharide monooxygenases are copper-dependent enzymes that perform oxidative cleavage of
glycosidic bonds in cellulose and various other polysaccharides. LPMOs acting on cellulose use a reactive
oxygen species to abstract a hydrogen from the C1 or C4, followed by hydroxylation of the resulting
substrate radical. The resulting hydroxylated species is unstable, resulting in glycoside bond scission and
formation of an oxidized new chain end. These oxidized chain ends are spontaneously hydrated at neutral
pH, leading to formation of an aldonic acid or a gemdiol, respectively. LPMO activity may be
characterized using a variety of analytic tools, the most common of which are high-performance anion
exchange chromatography system with pulsed amperometric detection (HPAEC-PAD) and MALDI-TOF
mass spectrometry (MALDI-MS). NMR may be used to increase the certainty of product identifications,
in particular the site of oxidation. Kinetic studies of LPMOs have several pitfalls and to avoid these, it is
important to secure copper saturation, avoid the presence of free transition metals in solution, and control
the amount of reductant (i.e., electron supply to the LPMO). Further insight into LPMO properties may be
obtained by determining the redox potential and by determining the affinity for copper. In some cases,
substrate affinity can be assessed using isothermal titration calorimetry. These methods are described in
this chapter.
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1. Introduction
1.1. A Short History of LPMOs
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The discovery of LPMOs in 2010 by Vaaje-Kolstad et al. [1] has led to major improvements in enzymatic
depolymerization of cellulose [2]. Using molecular oxygen, externally supplied electrons and a single copper
ion as co-factor, LPMOs carry out oxidative cleavage of glycosidic bonds. In contrast to cellulases, which to
some extent need to extract single polysaccharide chains from their crystalline context in order to
productively bind their substrates, LPMOs can act directly on crystalline material [1, 3]. By introducing
chain breaks, LPMOs make the crystalline substrates more accessible to the action of classical cellulases,
explaining their considerable impact on the overall efficiency of the enzymatic degradation process. There is
an ongoing discussion on the catalytic mechanism of these enzymes [4–6] but their products are well
characterized and the nature of the expected products does not seem to depend on which catalytic mechanism
is valid.

1.2. Mapping and Quantifying LPMO Activity on Cellulose
LPMOs acting on cellulose abstract a hydrogen atom from the C1 or the C4 in the scissile glycosidic bond,
followed by hydroxylation of the resulting substrate-radical. The resulting hydroxylated species is unstable,
resulting in glycoside bond scission and formation of an oxidized new chain end [7]. Glycosidic bond
cleavage with C1 oxidation leads to formation of one chain end that is a lactone and a regular nonreducing
end; the lactone is in equilibrium with the aldonic acid form, which dominates at neutral pH. Glycosidic
bond cleavage with C4 oxidation leads to formation of a new regular reducing end, whereas the nonreducing
end is a 4-ketosugar. The 4-keto sugar is hydrated to the corresponding gemdiol form in aqueous conditions.
The lactone and the 4-keto form have identical masses and the same applies to their hydrated forms, the
aldonic acid and the gemdiol. The two types of products may nevertheless be discriminated in MALDI-TOF
MS because (1) the hydrated gemdiol is more easily dehydrated as a result of sample preparation for
MALDI-ToF MS analysis than the aldonic acids, and (2) the aldonic acid form is charged and thus tends to
form double adducts with for example sodium (Fig. 1) [8, 9].
Fig. 1
Comparison of products generated by two cellulose active LPMOs from Thermobifida fusca. Panels a and
c show products generated by the LPMO domain of C1-oxidizing E8 (or TfLPMO10B), whereas panels b
and d show products generated by C1&C4-oxidizing E7 (or TfLPMO10A). Panels c and d are zoom-in
views relative to panels a and b, respectively, focusing on the heptamer cluster. The m/z values in panels c
and d correspond to: 1173, sodium adduct of lactone or ketoaldose; 1175, sodium adduct of native Glc7;
1189, potassium adduct of lactone or ketoaldose or sodium adduct of double oxidized Glc7; 1191, sodium
adduct of aldonic acid or potassium adduct of native Glc7 or sodium adduct of gemdiol (4-ketoaldose +
water); 1205, potassium adduct of double oxidized sugar; 1207, potassium adduct of aldonic acid or
gemdiol form of the 1189 species; 1213, sodium adduct of the aldonic acid sodium salt; 1229, sodium
adduct of the aldonic acid potassium salt. One would expect the signal at 1173 to be relatively larger in
panel d than in panel c, because the 4-ketoaldose generated by C4 oxidation is less readily hydrated that
the lactone generated by C1 oxidation. In the case of a C1–C4 oxidizer this is somewhat hidden because
these mixed oxidzers produce more native oligomers meaning that the adjacent peak (1175) becomes
stronger. The relatively higher signals at 1189 (relatively stable 4-keto form and/or sodium adduct of the
double oxidized form) and at 1205 (potassium adduct of the double oxidized form) in panel D confirm the
mixed C1 and C4-oxidizing activity of TfLPMO10A. This picture is reproduced from the supplementary
information of [43]
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There are several chromatographic methods for analyzing the native and oxidized products, generated when
an LPMO acts on cellulose [10]. The most common method, accessible in most laboratories, is highperformance anion-exchange chromatography (HPAEC) combined with pulsed amperometric detection
(PAD) (Fig. 2). At the alkaline pH during the HPAEC analysis, the equilibrium between the lactone and acid
is strongly shifted toward the aldonic acid, and this makes HPAEC ideal for analysis of C1-oxidized
products, which are stable and negatively charged (the pKa of cellobionic acid is 3.5 [10]), and are readily
separated from native products. C4 oxidized products are less stable and undergo on-column decomposition
during HPAEC [10], leading to products with additional oxidations and, importantly, native cellooligosaccharides that have one less glucose than the original C4-oxidized product. Still, C4-oxidized
products yield characteristic and diagnostic signals in HPAEC-PAD, albeit with less signal intensity due to
diversion into multiple peaks and appearance later in the gradient where signal suppression by acetate
becomes more prominent. Importantly, some LPMOs oxidize both C1 and C4, meaning that they have a
mixed product profile that includes double-oxidized products. Products that are diagnostic for double
oxidized products elute late from the column with little separation (Fig. 2; [11]) and their identity is not well
resolved. A beautiful series of chromatograms, presenting many variants of product profiles is shown in Vu
et al. [12].
Fig. 2
(a) HPAEC product profile for the LPMO domain of CelS2 (or ScLPMO10C), a bacterial C1-oxidizer
(dotted chromatogram) and ScLPMO10B, a bacterial C1-C4 oxidizer (solid chromatogram). Native cellooligosaccharides elute first followed by the aldonic acids. There is a slight overlap between the two
product clusters, which implies that the C1-oxidized monomer and dimer elute among the late eluting
native oligosaccharides. Peaks representing C4-oxidized products elute after the C1-oxidized products and
tend to be lower (although this varies with the LPMO and the conditions used; for example see panel b
and Fig. S4 in Vu et al. [12]). C4-oxidizing LPMOs tend to show higher amounts of native products (as
observed here and in Fig. S4 in Vu et al. [12]), for two reasons: (1) C4-oxidized cello-oligosaccharides
undergo on-column degradation reactions that lead to the formation of native cello-oligomer that are one
sugar shorter than the original C4-oxidized product [10]; (2) If the LPMO can oxidize C4 and C1, as in the
case of ScLPMO10B, its action will lead to the eventual formation of native products. The chemical
identity of the compound or compounds eluting around 40 minutes in the chromatogram for the C1&C4
oxidizer only is not known, but it has been shown that peaks eluting in this area are associated with the
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formation of double oxidized products [11]. (b) Products generated from cellulose by a strictly C4
oxidizing fungal LPMO, NcLPMO9C (upper chromatogram), and a C1&C4 oxidizing fungal LPMO,
GtLPMO9A-2 (second chromatogram from top). This panel includes chromatograms for a negative
control (no enzyme) and a standard of native oligomers (lower two chromatograms). Panel a is reproduced
from [43] and panel b is reproduced from [44]

Originally, there was some doubt in the field as to the nature of the oxidized products. In particular, the
possibility of C6 oxidation was considered. Resolving these issues by mass spectrometry is challenging
because of overlapping masses. For example, although the hydrated form of oxidized C6 is an uronic acid
with an m/z difference of −2 compared with gemdiols and aldonic acids, unambiguous identification by MS
is complicated by complex adduct formation patterns. Therefore, efforts have been made to use NMR for
reliable product identification (Fig. 3) [11, 13]. The C1-oxidized products can be recognized by the absence
of the reducing end signals (usually present at H1 α~5.22; β~4.66 ppm and C1 α~94.7; β~98.6 ppm) and
more deshielded chemical shifts, especially for protons at carbons two (C2) and three (C3). On the other
hand, C4-oxidized products are harder to identify as they lack signals for the proton directly attached to
carbon four (C4), and show minimal changes in chemical shifts for the rest of the protons, as compared to the
nonoxidized monosaccharide residues. The C1 or C4 signals (in C1 or C4-oxidized products, respectively)
13
may be directly observed in a 1D C NMR spectrum, but due to lack of directly attached protons they are
difficult to detect. Therefore, it is recommendable to use heteronuclear multi bond correlation (HMBC),
which takes advantage of heteronuclear polarization transfer, which enhances the signal by a factor of 32 and
enables the detection of correlations from 1H to 13C that are mainly separated by 2 and 3 bonds (Fig. 3b).
Fig. 3
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NMR analysis of the C1 and C4 oxidized LPMO products. (a) 13C HSQC spectrum of the products
generated by treating 0.9 mg/mL cellopentaose with 2.9 μM NcLPMO9C in the presence of 0.9 μM of
cellobiose dehydrogenase (MtCDH). Under these conditions, the reaction will result in both C1 oxidized
and C4 oxidized oligosaccharide ends. The sample was in 99.996% D2O with 5 mM sodium acetate pD
6.0 and spectra were recorded at 25 °C. Peaks for the proton/carbon signals of the C4 oxidized
monosaccharide residue are marked by H/C#, where # refers to the ring carbon number for the oxidized
monosaccharide residue. Peaks for the proton/carbon signals of the C1 oxidized monosaccharide residue
are marked by H/C#*. Brackets indicate pairs of proton/carbon signals attached to the same C6 (the
primary alcohol group) in the oxidized monosaccharide residue. For the sake of simplicity peaks related to
nonoxidized monosaccharide residues are not marked (a full assignment of chemical shifts is provided in
[11]). Panel b shows regions of a 13C HSQC spectrum overlaid by a 13C HMBC spectrum recorded for
products obtained in a reaction with NcLPMO9C and MtCDH. The left panel (C1ox) shows a correlation
(indicated by a vertical line) from the H/C2* peak in HSQC (red) to a peak with a carbon chemical shift of
181.1 ppm in HMBC (blue), corresponding well to a carboxylate group at position C1, which is a hallmark
of a C1 oxidized product. The right panel (C4ox) shows correlations from both the H/C3 and H/C5 peaks
in HSQC (red) to two carbon peaks with carbon chemical shifts of 95.9 ppm and 175.2 ppm in HMBC
(blue), corresponding well to the presence of a geminal diol and a keto group at C4, respectively. The
signal intensity of the geminal diol is about 4 times bigger than for the keto group (approximately 80%
and 20% of the signal intensity, respectively). The formed chemical groups are drawn next to the
diagnostic peaks. This figure and its legend were modified from Isaksen [11]

Cellulose-active LPMOs act on a variety of cellulose substrates, such as phosphoric-acid swollen cellulose
(PASC), more crystalline cellulose (Avicel) and pretreated biomass. It seems evident that LPMOs will differ
in terms of their preferred substrate but systematic studies to unravel and explain such differences are
lacking. For characterization purposes, PASC and Avicel are preferable substrates. Product quantification is
not straightforward and opportunities and methods needed depend on the reaction setup. Reactions with
®
commercial LPMO- and β-glucosidase-containing enzyme cocktails such as Cellic Ctec2 from Novozymes
will yield gluconic acid and 4-keto-cellobiose only [14, 15], due to the fact that all longer oxidized products
are degraded by the enzymes in the cocktail. Although this has not yet been investigated in-depth, it seems
safe to assume in this case that almost all oxidized sites end up in the soluble fraction. There are several ways
to quantify gluconic acid, which is stable, and for which there is a commercially available standard.
Quantification of 4-keto-cellobiose is not straightforward, because there are no standards and because the
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product is unstable during the HPAEC-PAD. Nevertheless, quantification has been achieved by exploiting
the ability of certain C4 oxidizing LPMOs to cleave cellodextrins, thus generating two products, a C4oxidized oligomer and an equal amount of a native oligomer, where the latter can easily be quantified [15].
Notably, when assessing the activity of LPMOs acting alone, only soluble products are usually measured and
quantified. For substrates with high degrees of polymerization, such soluble products result from the LPMO
cleaving twice in the same polysaccharide chain. Thus, clearly, LPMO activities will be underestimated,
especially in the start of a reaction, when almost every LPMO reaction will occur in individual polymeric
chains that do not become soluble upon one single cleavage. Solubilization of LPMO-generated chain ends is
promoted if also cellulases are present in the reaction. Some approaches for quantification of insoluble
oxidized chain ends are shortly discussed in Subheading 1.4.
AQ2

The progress of LPMO-reactions depends on many factors. The characteristics of the insoluble substrate like
crystallinity, particle size, pretreatment, and the presence of lignin affect LPMO-activity. Notably, while
commonly used substrate concentrations tend to seem saturating, this may not always be the case if the
LPMO in question only binds to a small subfraction of the potentially heterogeneous material.
Another important factor is the choice of reductant. LPMOs are capable of using a wide array of reductants
that can be either chemical reductants or another redox enzyme [1, 16–19]. The most commonly used types
of reductant are small chemical reductants such as ascorbic acid, gallic acid, or reduced glutathione. The
advantage of chemical reductants over the best-known protein electron donor, cellobiose dehydrogenase
(CDH; [7, 20]), is that neither the cellulosic substrate nor the liberated oligosaccharides will be oxidized by
the reductant. In reactions containing CDH, all soluble cellooligosaccharides will be oxidized by CDH
yielding aldonic acids, i.e., products identical to products formed by C1 oxidizing LPMOs. On the other
hand, it is more difficult to control chemical electron donors due to their instability in the presence of metal
ions, their oxidation by the LPMO, and, often, the dependence of their redox potential on pH. Another
potential complication lies in the fact that certain reductants may give interfering signals during product
analysis. Furthermore, some chemical reductants may cause side reactions resulting in even more complex
reaction kinetics and product mixtures. The benefit of protein electron donors is that they can be controlled
and maintain electron supply stable over a long time. Moreover, it may be possible to chromatographically
monitor simultaneously the activity of both the LPMO and the electron donating enzyme (e.g., [21]), which
may lead to increased insight into reaction kinetics (e.g., [21]). Considering that CDH is active on cellooligosaccharides, we expect increased use of other enzymatic electron supplying systems ([16, 22] in the
near future.
Literature data show that LPMOs often display nonlinear kinetics during typical LPMO reactions (Fig. 4; [6,
21, 23], the reasons of which are often unclear, although recently, some insights have been obtained (see ref.
6, and below). Depletion of reductant, molecular oxygen, and productive binding sites on the substrates may
all contribute to the explanation of these observations. Notably, recent data indicate that autocatalytic
oxidative self-inactivation of the LPMO, brought about by an imbalance between the amount of reducing
power and substrate availability [6] could be a major reason for nonlinear reaction kinetics. This recent work
also indicates that H2O2, rather than O2 is the preferred cosubstrate of LPMOs, shedding new light on the
role of the reductant [6]. While a detailed discussion of these recent developments is beyond the scope of this
review, the key point to make is that, to achieve linear kinetics, reaction conditions, including the type and
concentration of the reductant need to be carefully optimized.
Fig. 4
Nonlinearity of LPMO kinetics. Panel a shows an experiment with a chitin-active LPMO which is fueled
by either ascorbic acid or CDH/lactose. With ascorbic acid, the reaction is fast but terminates early. With
CDH/lactose, the reaction is slower but the system is much more stable. It is worth noting that if single
time point experiments would have been done, using the same conditions, the conclusions of a 1 h and a
10 h experiment regarding reductant efficiency would have been totally different. Panel b shows the
activity of a fungal LPMO, FgLPMO9A on cellulose at two different temperatures. In both cases, the
reactions terminate early, long before substrate is depleted. The speed of the reaction shows an expected
http://eproofing.springer.com/books_v2/printpage.php?token=tSmTgDnsL4W3Y_ywR1t9Xu0k0E2gt2cc_U3yGYe6Rdw
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temperature dependency, but the outcome of a 24 h incubation would be totally dominated by stability
effects. Notably, control experiments showed that the inactivation of FgLPMO9A at 45 °C is not due to
temperature-induced unfolding. Panel a is reproduced from [21], whereas panel b is reproduced from [23]

1.3. Redox Potential and the Affinity for Ligands and Co-Factor
A deeper understanding of LPMO functionalities requires insight into enzyme-substrate interactions and the
chemical and electronic structure of the catalytic center. Several biophysical methods (such as EPR; e.g.,
[17]) and computational techniques (such as density functional theory calculation; e.g., [24]) are available to
obtain such insight. Recently, the first crystal structure of an LPMO in complex with a soluble substrate has
become available [25]. The pKa values of the catalytic histidines may be determined by NMR [26].
Biochemical characterization of LPMO properties is at the basis of these advanced studies of LPMO
functionality and may also help in assessing the validity of the results of computations approaches. Below,
several such characterization methods are described; (1) the use of isothermal titration calorimetry for
determining the affinity of the copper binding site (Fig. 5a); (2) the use of isothermal titration calorimetry for
determining the affinity for the substrate (Fig. 5b–d); (3) the determination of the redox potential of the
LPMO. It is worth noting that there are alternative methods for determining the redox potential [16].
Fig. 5
Thermograms (upper parts) and binding isotherms with theoretical fits (lower parts). (a) Binding of
150 μM of Cu2+ to 5 μM apo NcLPMO9C at pH 5.5, 10 °C. (b) Binding of a 11 mM 4-β- -cellohexaose to
30 μM of NcLPMO9C at pH 5.5, 25 °C. (c) Binding of 500 μM of NcLPMO9C-Cu2+ to xyloglucan from
tamarind seeds (estimated at 0.9 μM), at pH 5.5, 10 °C (d) Binding of 500 μM of NcLPMO9C-Cu2+ to
PASC (estimated 4.5 μM) at pH 5.5, 25 °C. All data and figures are from [41], except panel A, which has
not been published previously
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1.4. Future Perspectives
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In this chapter, we have outlined several of the methods that are currently used to characterize LPMOs.
Notably, we have not addressed important biophysical methods, such as EPR and measurement of electron
transfer rates. The chromatographic and mass spectrometric methods discussed shortly above have been
reviewed in more detail in a previous chapter of this series [27] and in-depth discussions of the HPAEC
methods and several alternatives may be found in two previous publications [10, 13]. Generally, these
methods are well established, but the (in) stability of C4-oxidized products remains a challenge, which likely
will be met by introducing C4-specific product modifications [28, 29].
Quantification of LPMO activity remains a challenge because of stability issues concerning both the
reductant and the enzyme itself [6, 16, 21], and because it is not straightforward to monitor oxidations on the
insoluble material. The stability issues must be taken very seriously to the extent that quantitative statements
about LPMO activity can only be based on progress curves (and not on single time point measurements; Fig.
4a). Insight into oxidations on insoluble products may in some cases be obtained by completely solubilizing
LPMO-treated material with hydrolases and then analyze soluble oxidized products (e.g., [21]). Furthermore,
the use of size exclusion chromatography in ionic liquid mode for analyzing molecular distributions in
cellulose [30] as well as for studying the molecular distribution of product mixtures after enzymatic
treatments has a large potential to broaden our understanding of the effects of LPMO treatments. Labeling
techniques are of interest, to visualize, and perhaps quantify the occurrence of oxidized chain ends in
insoluble material [3, 31].
Despite their obvious importance in Nature and the biorefinery, and despite major research efforts since their
discovery in 2010, several aspects of LPMOs remain enigmatic. One recent development concerns the
involvement of H2O2 in LPMO catalysis. In particular, Bissaro et al. have shown that LPMO activity can be
boosted by providing the reduced enzyme continuously with low amounts of H2O2, whereas supply of higher
dosages of H2O2 leads to rapid enzyme inactivation [6]. As noted above, quantification of LPMO activity is
challenging and these recent findings may provide both an explanation and a solution to the challenge.
Clearly, there is much exciting research ahead in the LPMO field. The analytical tools described below may
help in further unraveling of LPMO function in nature and in the biorefinery.

2. Materials
2.1. MALDI-TOF MS
1. Equipment: Bruker Ultraflex MALDI-ToF/ToF instrument with a Nitrogen 337-nm laser beam
(Bruker Daltonics GmbH, Bremen, Germany).
2. (Optional) Lithium chloride solution (the LiCl concentration should be approximately twice the
concentration of the buffer used in the LPMO reaction). Dissolve the desired amount of LiCl in
Milli-Q water.
3. 2,5-dihydroxybenzoic acid (DHB) solution: dissolve 4.5 mg DHB (Bruker Daltonics) in 150 μL
acetonitrile and 350 μL water.
4. MTP 384 target plate ground steel TF from Bruker Daltonics (or equivalent).

2.2. HPAEC-PAD
1. Equipment: Ion exchange chromatography system with pulsed amperometric detection (PAD) (e.g.,
ICS3000, Dionex).
2. Columns: CarboPac PA1 (2 × 250 mm) and a CarboPac PA1 guard (2 × 50 mm) columns (Dionex,
Thermo).
3. MilliQ water. Measure the desired volume of Milli-Q water (Type I, 18.2 MΩ·cm) directly in a
http://eproofing.springer.com/books_v2/printpage.php?token=tSmTgDnsL4W3Y_ywR1t9Xu0k0E2gt2cc_U3yGYe6Rdw
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dedicated HPAEC mobile phase bottle. Sonicate for 20 min to remove dissolved carbon dioxide and
transfer immediately hereafter to the HPAEC system and store under N2-saturated headspace.
4. Sodium hydroxide (0.1 M). Measure exactly 2 L of Milli-Q water (Type I, 18.2 MΩ·cm) directly in a
dedicated HPAEC mobile phase bottle. Sonicate for 20 min to remove dissolved carbon dioxide and
transfer immediately hereafter to the HPAEC system and store under N2-saturated headspace. Add
10.4 mL of NaOH from a 50% (w/w) solution. Do not use NaOH pellets. Close the mobile phase
bottle and swirl gently to ensure proper mixing. Maintain N2-saturated headspace until the mobile
phase is discarded.
5. Sodium acetate (1 M in 0.1 M NaOH). Dissolve 82.03 g of anhydrous sodium acetate (≥99% purity)
in 1 L of Milli-Q water (Type I, 18.2 MΩ·cm). Filter the solution through no less than a 0.45 μm
filter directly into a dedicated HPAEC mobile phase bottle. Sonicate for 20 min to remove dissolved
carbon dioxide and transfer immediately hereafter to the HPAEC system and store under N2saturated headspace. Add 5.2 mL of NaOH from a 50% (w/w) solution. Do not use NaOH pellets.
Close the mobile phase bottle and swirl gently to ensure proper mixing. Maintain N2-saturated
headspace until the mobile phase is discarded.

2.3. Product Identification by NMR
1. Equipment: Bruker Avance 600 MHz spectrometer equipped with a 5-mm cryogenic CP-TCI zgradient probe.
2. High quality NMR tube 3 or 5 mm (e.g., Schott professional, Norell 509UP8, Wilmad 535-PP-7,
Shigemi susceptibility matched to D2O).
3. Deuterium oxide. 99.9% or 99.96% D2O (Cambridge Isotope Laboratories, Andover, MA).
4. TSP stock solution (1% w/v; chemical shift reference for proton and carbon): Dissolve 0.1 g of 3(trimethylsilyl)-propionic-2,2,3,3-d4 acid sodium salt (Aldrich, Milwaukee, WI, USA) in 10 mL of
99.9% D2O.
5. Buffer. Sodium acetate (5 mM, pD 6.0): Dissolve 0.041 g of anhydrous CH3COONa in ~80 mL of
H2O, adjust the pH and hereafter adjust the volume to 100 mL with H2O. To reduce the interference
of the water signal transfer 10 mL of the acetate buffer to a 33 mm 50 mL conical centrifuge tube,
lyophilize and redissolve the powder in 10 mL 99.96% D2O.
6. Cellopentaose stock solution (0.1% w/v): Dissolve cellopentaose (1.0 mg/mL; Megazyme) in sodium
acetate (5 mM, pD 6.0) and add 10 μL TSP stock solution (1‰ w/v) per mL of cellopentaose stock
solution as chemical shift reference for proton and carbon.
7. Hydroquinone solution (50 mM): Dissolve 0.055 g of hydroquinone in 10 mL of 99.96% D2O.
8. Cellobiose dehydrogenase (CDH) solution: Make an enzyme solution with a concentration of 15–
20 μM CDH, e.g., CDH from Myriococcum thermophilum (MtCDH; [32]), using 99.96% D2O for
the dilution (see Note 1).
9. LPMO solution: Make an enzyme solution with a concentration of 45–60 μM LPMO using 99.96%
D2O for the dilution (see Note 2).
10. Oxygen gas (100%).

2.4. Copper Saturation
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Copper saturation of the LPMO should be performed in the buffer that is planned used in downstream
experiments and may thus vary considerably based on the experiment (for example, sodium phosphate is
optimal for EPR, but incompatible with MS). Commonly used buffers are Bis-Tris pH 6.0, MES pH 6.0,
sodium phosphate pH 6.0, HEPES pH 7.0 and Tris–HCl pH 8.0 in concentrations ranging from 1 to 50 mM.
It should be noted that some buffers, including Tris, have the ability to bind/chelate copper and could
interfere with LPMO activity, but it is so far not known whether this property of Tris influences LPMO
activity under commonly uses reaction conditions. However, it is advised to resaturate LPMOs with copper
before experiments if they have been stored in Tris-containing buffers. A copper saturation protocol using
25 mM Bis-Tris pH 6.0 is outlined below.
1. A PD midiTrap G-25 (3.5 mL) column (GE Healthcare; see Note 3).
2. 25 mM BisTris buffer pH 6.0. Dissolve 0.52 g in 80 mL of Milli-Q water (Type I, 18.2 MΩ cm).
Adjust to pH 6.0 with HCl and to 100 mL final volume with Milli-Q water (Type I, 18.2 MΩ cm).
3. 50 mM CuSO4. Dissolve 0.62 g CuSO4∙5H2O in a final volume of 50 mL Milli-Q water (Type I,
18.2 MΩ cm).

2.5. Quantitative Activity Assays
1. 2.0 mL Eppendorf tubes.
2. Substrate (e.g., Avicel or PASC) or lignin-containing substrates such as steam-exploded
lignocellulosic material.
3. Buffer of choice (see Subheading 2.4).
4. Purified LPMO, copper-saturated as described in Subheading 3.4.
5. Cellulases, for example Cel5A from Thermobifida fusca or an LPMO-poor Cellulase mixture such as
Celluclast (optional, if quantification of the oxidations in the soluble material or the total sample is
required, respectively).
6. Reducing agent; either a small molecule reductant such as ascorbic acid or reduced glutathione
(100 mM stock solution in water), gallic acid (100 mM in EtOHabsolute), or a protein electron donor
and its substrate (e.g., cellobiose dehydrogenase and a suitable substrate, such as cellobiose or
lactose).
7. Milli-Q water (Type I, 18.2 MΩ cm).
8. Thermomixer C with a thermoblock suitable for 2.0 mL tubes and a ThermoTop (Eppendorf).
9. Water bath or high-temperature heat block that can heat up to 100 °C.
10. 200 mM NaOH. Dilute 0.53 mL NaOH 50% (w/w) solution (as in Subheading 2.2) in a final
volume of 50 mL Milli-Q water (Type I, 18.2 MΩ cm).
11. A MultiScreen 96-well plate filter (0.45 μm) operated by a vacuum manifold (Millipore) and a 96well plate.
12. Standards: native cello-oligosaccharides and cellobiose dehydrogenase, for C1-oxidized standards,
or NcLPMO9C, for C4 oxidized standards.
13. 20 mM Tris–HCl pH 8.0. Dissolve 0.24 g Tris base in 80 mL Milli-Q water (Type I, 18.2 MΩ cm)
and adjust the pH to 8.0 with HCl. Fill up to a final volume of 100 mL with Milli-Q water (Type I,
http://eproofing.springer.com/books_v2/printpage.php?token=tSmTgDnsL4W3Y_ywR1t9Xu0k0E2gt2cc_U3yGYe6Rdw
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18.2 MΩ cm).

2.6. Redox Potential
1. Equipment: Ultraviolet-visible spectrophotometer (i.e., Hitachi U-1900 or Agilent Technologies
Cary 8454 UV-Vis spectrophotometer). Cuvettes allowing emission at λ = 610 nm with a
recommended total volume of 100 μL to save protein solution.
2. Milli-Q water and a buffer that does not chelate copper ions (e.g., Chelex-treated 20 mM MES
buffer, pH 5.5). N,N,N´,Ní-tetramethyl-1,4-phenylendiamine dihydrochloride (Sigma-Aldrich, St.
Louis, MO, USA).

2.7. Measuring Affinity for Copper
1. Equipment: Isothermal titration calorimeter (e.g., a MicroCal VP-ITC, Malvern, Malvern, England).
2. A purified LPMO, Milli-Q water, a buffer that does not chelate copper ions (e.g., Chelex-treated
20 mM MES buffer, pH 5.5), and ethylenediaminetetraacetic acid (EDTA) and CuSO4 (both form for
example Sigma-Aldrich, St. Louis, MO, USA).
3. A NAP-5 column, used for desalting (GE Healthcare; see Note 4).

2.8. Measuring Affinity for the Substrate
1. Equipment: Isothermal titration calorimeter (e.g., a MicroCal VP-ITC, Malvern, Malvern, England).
2. A purified copper-saturated LPMO, Milli-Q water and a buffer that does not chelate copper ions
(e.g., Chelex-treated 20 mM MES buffer, pH 5.5), Avicel, xyloglucan, and/or 1,4-β- -cellohexaose.

3. Methods
The protocols provided cover both common and less common methods for characterizing LPMOs. For more
details, readers are directed to the original publications related to the method in question [6, 10, 11, 13, 26,
27, 33]. Where applicable, notes are appended in the Subheading 4. Additional methods, including
alternative chromatographic methods, appear in another recent book in the Methods in Molecular Biology
series ([27]; Subheadings 2.1, 2.2, 3.1 and 3.2, with notes adapted from this paper. For information on
various electrochemical methods and EPR, the reader is referred to papers by for example the Ludwig (e.g.,
[16]) and Walton (e.g., [25]) groups.

3.1. MALDI-ToF MS with or Without Lithium Doping
1. To prepare samples for MALDI-ToF analysis, reactions should be run at low buffer concentrations
(as a rule of thumb, less than 50 mM, preferably much less), and the use of MS-incompatible ions
such as phosphate and nitrate should be avoided.
2. Centrifuge samples in an Eppendorf centrifuge at maximum speed at room temperature for 2 min.
3. Apply 2 μL saturated DHB solution to a MALDI plate.
4. Apply 1 μL sample, and mix with the DHB solution (on the MALDI plate).
http://eproofing.springer.com/books_v2/printpage.php?token=tSmTgDnsL4W3Y_ywR1t9Xu0k0E2gt2cc_U3yGYe6Rdw
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5. Dry the spot under a stream of warm air.
6. Analyze the sample on a MALDI-ToF instrument (see Note 3).
Alternative method, if the mass spectrum needs simplification (see Note 3 and [27] for details):
(a) Mix 1 μL sample with 9 μL LiCl solution and vortex for 5 s.
(b) Apply 2 μL saturated DHB solution to a MALDI plate. DHB is the standard matrix used for
all MALDI experiments, but other matrices may work equally well.
(c) Add 1 μL of the lithium-doped sample (point 7) to the matrix droplet on the MALDI plate.
(d) Dry the spot under a stream of warm air.
(e) Analyze the sample on a MALDI-ToF instrument.

3.2. HPAEC-PAD
Use an instrumental setup as described in Subheading 2.2 or similar.
1. Centrifuge samples for 3 min in an Eppendorf centrifuge at maximum speed and transfer
supernatants to HPLC vials; normally no further adjustments of the samples is needed (see Note 4).
If samples already have been filtered (see Subheading 3.5), this centrifugation step is not necessary.
2. Set the column temperature 30 °C and use 0.25 mL/min flow rate.
3. Use mobile phases containing 0.1 M NaOH (A) and 0.1 M NaOH, 1 M sodium acetate (B) (see Note
5).
4. Inject 2–10 μL sample.
5. Use the following gradient: a 10 min linear gradient from 100% A (starting condition) to 10% B, a
15 min (this step may be extended if higher resolution is needed [30] or shortened to get higher
throughput) linear gradient to 30% B, a 5 min exponential gradient (Dionex curve 6) to 100% B.
6. Recondition the column by running initial conditions (100% A) for 9 min.
If there is a need for higher throughput, and if only C1-oxidations occur, a 10 min method for separation and
detection of aldonic acids may be used [13]. For other applications and mass spectrometry adaptations see
ref. 27.

3.3. Product Identification by NMR
3.3.1. NMR Sample Preparation
1. C1-oxidized products: Dissolve 0.2–2 mg of C1-oxidized product in 150 or 600 μL (for 3 or 5 mm
tubes, respectively) 99.9% or 99.96% D2O. Transfer the sample into a 3- to 5-mm high-quality NMR
tube.
2. “External” method for chemical shift referencing: Insert a 3-mm NMR tube (or coaxial insert tube)
into a 5-mm NMR tube with TSP (0.1‰ (w/v)) in 99.9% D2O.
3. C4-oxidized products: Add 500 μL cellopentaose stock solution (0.1% (v/w)) to a 5 mm NMR tube
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together with either 33 μL of cellobiose dehydrogenase (CDH, MtAA3) to a final concentration of
0.9 μM) or 33 μL of hydroquinone solution (to a final concentration of 3 mM). After addition of
17 μL LPMO (e.g., NcLPMO9C) to a final concentration of 2.9 μM, flush the head-space of the
NMR with oxygen gas (100%) for ~10 s before sealing the tube with parafilm around the cap. After
incubation of the samples at 25 °C for 24 h, the reaction products can be analyzed by NMR
spectroscopy (see Note 1).

3.3.2. NMR Data Acquisition and Processing
1. Set the temperature to 25 °C on the NMR spectrometer. Insert the sample in the NMR spectrometer
and let the sample temperature equilibrate for ~10 min. After equilibration, lock on the deuterium
signal and calibrate the tune, match and shims of the spectrometer according to standard operating
1
13
procedures. Calibrate the H and C pulses and set spectral widths as well as other parameters in the
subsequent spectra.
AQ3

2. For structural elucidation of C1- and C4-oxidized products, the following spectra can be used (the
recommended pulse programs and key parameter settings are listed in brackets): 1D proton [zg30;
sw 14 ppm; TD: 32 k], 2D double quantum filtered correlation spectroscopy (DQF-COSY)
[cosydfphpr; TD: 2k, 512; SW 11 ppm,11 ppm], 2D In-phase correlation spectroscopy (IP-COSY)
[31] [ipcosygppr-tr; TD: 2k, 256; SW 11 ppm, 11 ppm; constant-time evolution in the indirect
dimension], 2D total correlation spectroscopy (TOCSY) with 70 ms mixing time [mlevphpr; DS 128;
13
TD: 2k, 512; SW 11 ppm,11 ppm; d1 2 s; d9 70 ms (spin-lock mixing time)], 2D C heteronuclear
single quantum coherence (HSQC) with multiplicity editing [hsqcetgpsisp2.3; TD: 2k, 256; SW
1
13
1 1
11 ppm, 60 ppm, o1p 80 ppm; Cnst2 135 Hz ( JCH)], 2D C HSQC-[ H, H]TOCSY with 70 ms
mixing time on protons [hsqcdietgpsisp.2; DS 128; TD: 2k, 256; SW 11 ppm, 60 ppm, o1p 80 ppm;
1
Cnst2 135 Hz ( JCH); d1 2 s (avoid RF-heating); d9 70 ms (Spin-lock mixing time)], and 2D
heteronuclear multiple bond correlation (HMBC) with BIRD filter to suppress first order correlations
1
[hsqcetgpml; TD: 2k, 256; SW 11 ppm, 160 ppm, o1p 120 ppm; Cnst2 135 Hz ( JCH), Cnst6 125 Hz
1
1
(lower filter to remove JCH), Cnst7 150 Hz (higher filter to remove JCH), Cnst13 8 Hz (coupling
constant for long range coupling)].
3. Process and analyze the spectra using a standard NMR processing software, such as TopSpin,
Mestrelab, or ACD/NMR Processor.

3.3.3. Assignment of Chemical Shifts
1. The individual monosaccharide residues are assigned by starting at the anomeric signal and/or at the
primary alcohol group at C6 and then following the proton–proton connectivity using TOCSY, DQFCOSY/IP-COSY, and 13C HSQC-[1H,1H]TOCSY spectra. 13C-HSQC is used for assigning the
13
carbon chemical shifts. The C HMBC spectrum provides information on connectivity between the
individual monosaccharide residues as well as the chemical shifts for the oxidized carbons C1 or C4
2
via two-bond couplings ( JCH) (see Note 6).

3.4. Copper Saturation
1. Add a threefold molar excess of the CuSO4 to the protein solution and incubate at room temperature
for 30 min (see Note 7)
2. Equilibrate the PD midiTrap G-25 (3.5 mL) column (GE Healthcare) with 15 mL of the same buffer
that is used in the activity assay (see Notes 2 and 8)
3. Add a maximum of 1.0 mL sample to the column and let it enter (see Note 9).
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4. Elute the protein with 1.0 mL of buffer (see Note 10).

3.5. Quantitative Activity Assays
1. Mix the desired amount of substrate with water, buffer, and the LPMO (usually 1.0 μM). The final
reaction volume should not exceed 1.5 mL.
2. Preincubate the sample at the reaction temperature for 15 min (see Note 11).
3. Start the reaction by adding 1.0–5.0 mM reducing agent (see Note 12).
4. Incubate the sample at 40 °C, shaking at ~800 rpm.
5. Collect samples in regular intervals to follow the progress of the reaction.
6. If solubilized products only are to be quantified, stop the reactions by filtration (see Note 13) or by
boiling (note that some enzymes have are remarkably stable when substrate is present, so make sure
to include proper negative controls to check for possible, however unlikely, residual activity).
Filtration is preferred since this is required before analysis by HPLC to prevent particles from being
injected into the system.
(a) If the amount of the individual oxidized oligosaccharides is to be quantified, the sample can
be analyzed directly with HPAEC (Subheading 3.2). If the total amount of soluble oxidized
oligosaccharides is to be quantified, add a cellulase (e.g., the GH5 endoglucanase TfCel5A
from T. fusca to a final concentration of 1 μM) to the filtrates and incubate at 40 °C
overnight. This will reduce the complexity of the soluble products generated by the LPMO
to a mixture of glucose, cellobiose, and oxidized products with a degree of polymerization
of 2 and 3 (i.e., GlcGlc1A, Glc2Glc1A, Glc4GemGlc, and Glc4GemGlc2), allowing
quantification by HPEAC (Subheading 3.2) using the appropriate standards (see steps 5 and
6 below for the generation of standards).
AQ4

(b) If only aldonic acids are formed by the LPMO, it may also be convenient to use a βglucosidase to reduce the complexity of the product mixture (e.g., [36] added one unit of βglucosidase from Thermotoga maritima (Megazyme) to 40 μL aliquots containing soluble
aldonic acid cello-oligosaccharides of various DP followed by incubation for 16 h at 37 °C
to obtain ~100% conversion of the products to glucose and gluconic acid).
(c) If insoluble oxidized sites are to be quantified, stop the reaction by boiling for 15 min and
degrade the sample using a LPMO-poor cellulase cocktail under conditions that do not
promote LPMO activity prior to product analysis according to Subheading 3.2 (20 mM
EDTA may be added to the reaction to abolish LPMO activity, but this may give problems
with downstream analysis).
7. After cellulase treatment, filter or centrifuge the samples to remove substrate remnants, before
analysis by HPAEC according to Subheading 3.2.
8. A C4-oxidized standard may be prepared as described by Müller et al. [15]: Dissolve 2.5 mg of the
native cello-oligosaccharide Glc5 in 500 μL 20 mM Tris–HCl pH 8.0. Add 0.5 g/L NcLPMO9C (or
another LPMO active on soluble cello-oligosaccharides) and 2 mM ascorbic acid and add 20 mM
Tris–HCl pH 8.0 to 1.0 mL. Incubate at an appropriate reaction temperature, e.g., 33 °C for
NcLPMO9C, for 24 h. Note that there are stability issues here (see Notes 14 and 15).
9. C1 oxidized standards: Dissolve an appropriate amount of native cello-oligosaccharides (e.g.,
2.5 mg) in 500 μL 25 mM Bis-Tris pH 6.0 and add cellobiose dehydrogenase to a final concentration
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of 2.0 μM. Incubate the sample for 48 h at 40 °C to ensure oxidation of the cellobiose (see Notes 16
and 17).

3.6. Redox Potential
1. Use an instrumental setup as described in Subheading 2.6, or similar.
2. Mix oxygen-free solutions: 50 μL 200 μM of N,N,N′,N′- tetramethyl-1,4-phenylenediamine (TMPred)
in its reduced form and 50 μL, 70 μM Cu2+-saturated LPMO in Chelex-treated 20 mM MES buffer
2+
pH 5.5, t = 25 °C in a cuvette. LPMO-Cu solutions can be made oxygen free by sequential
degassing and adding of N2 over the solution in a stoppered vial with a rubber stopper using standard
Schlenk techniques. The same approach can be used for the TMPred solution. It is important that the
LPMO solution is anaerobic prior to addition of TMPred. An alternative method is to bubble N2 (g)
through the buffer for 1 h before the addition of TMPred.
3. Determine the extent of the reaction by measuring the absorbance of the TMP radical cation (TMPox)
1+
at λ = 610 nm. Concentrations of TMPox, which equal concentrations of LPMO-Cu , are calculated
by using an extinction coefficient of 14.0/mM/cm [37].
4. This determination allows for calculations of the equilibrium concentrations for the electron transfer
reaction (Eq. 1) and hence the equilibrium constant (Eq. 2).

2+

TMPred + LPMO-Cu

1+

⇄ TMPox + LPMO-Cu

1+

[TMPox ] [LPMO-Cu
K =

]

2+

[TMPred ] [LPMO-Cu

1
2

]

The relationship between the free energy change (ΔGr°), the equilibrium constant (K), and the cell potential
(E°) of the reaction is shown in Eq. 3:
∘

Δ Gr

∘

= −RT lnK = −nF E

3

where R is the gas constant, T is the temperature in Kelvin, n is the number of electrons transferred in the
reaction, and F is the Faraday constant. Summation of the measured cell potential for the equilibrium
reaction (Eq. 1) with the cell potential of the TMPox/TMPred redox couple (273 mV vs. normal hydrogen
2+
1+
electrode; [38]) yields the cell potential for the LPMO-Cu /LPMO-Cu redox couple.

3.7. Measuring Affinity for Copper
1. Use an instrumental setup as described in Subheading 2.7 or similar.
2. Prepare an apo-LPMO solution by treating purified enzyme with 100 mM EDTA, followed by
desalting using a NAP-5 column (GE Healthcare) equilibrated with Chelex-treated 20 mM MES
buffer, pH 5.5.
3. Thoroughly degas the LPMO solution prior to experiments to avoid air bubbles in the calorimeter.
The recommended concentration of apo-LPMO is 5 μM and the suggested temperature of the
reaction is t = 10 °C (see Note 18). The volume of the LPMO solution added to the calorimeter
should exceed the volume of the reaction cell. In this example, for a microcal VP-ITC with a
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reaction cell volume of 1.42 mL, it is beneficial to (over)fill the reaction cell with 1.6 mL of LPMO
solution.
4. Place 300 μL of 150 μM CuSO4 in Chelex treated 20 mM MES buffer, pH 5.5 in the syringe. Inject
40 aliquots of 4 μL of the copper solution into the reaction cell, at 180 s intervals, with a stirring
speed of 260 rpm. The software accompanying the calorimetric system collects ITC data
automatically.
5. Prior to further analysis, correct for the heat of dilution by subtracting the heat produced by the
injections of ligand into the reaction cell after completion of the binding reaction. A complementary
approach is to subtract the heats produced by titrating the ligand into buffer alone in a parallel
experiment. Ideally, these heats should have the same magnitude.
6. Fit data using a nonlinear least squares algorithm using a single-site binding model employed by the
software that accompanies the calorimetric system to yield the stoichiometry (n), the equilibrium
binding association constant (Ka), and the enthalpy change (ΔHr°) of the reaction. The changes in
reaction free energy (ΔGr°) and entropy (ΔSr°) as well as the dissociation constant (Kd) are
calculated using the relationship in Eq. 4:

∘

Δ Gr

∘

= −RT ln Ka = RT ln Kd = ΔH r

4

∘

− T ΔSr

Errors in ΔHr°, Kd, and ΔGr° are obtained as standard deviations of at least three experiments. Errors in ΔSr°
are obtained through propagation of errors.
2+

7. It is worth noting that by combining the Kd for Cu resulting from this experiment and the redox
+
potential resulting from the method described in Subheading 3.6, one may obtain the Kd for Cu , as
described in detail in Fig. S2 of Aachmann et al. [26].

3.8. Measuring Affinity for the Substrate
1. Use an instrumental setup as described in Subheading 2.8 or similar.
2. For binding of small, soluble oligomers (i.e., 1,4-β- -cellohexaose or hexa-N-acetyl chitohexaose),
prepare a 30 μM copper-saturated LPMO solution in Chelex-treated 20 mM MES buffer, pH 5.5 (see
Note 19).
3. Thoroughly degas the LPMO solution prior to experiments to avoid air bubbles in the calorimeter.
4. The volume of the LPMO solution added to the calorimeter should exceed the volume of the reaction
cell. In this example, for a microcal VP-ITC with a reaction cell volume of 1.42 mL, it is beneficial
to (over)fill the reaction cell with 1.6 mL of LPMO solution. The suggested temperature of the
reaction is t = 25 °C.
5. Place 300 μL of 11 mM of the ligand in Chelex treated 20 mM MES buffer, pH 5.5 in the syringe.
Inject 40 aliquots of 8 μL of the ligand solution into the reaction cell, at 180 s intervals, with a
stirring speed of 260 rpm. The software accompanying the calorimetric system collects ITC data
automatically.
6. Prior to further analysis, correct for the heat of dilution by subtracting the heat produced by titrating
the ligand into buffer alone in a parallel experiment.
7. Fit data using a nonlinear least squares algorithm using a single-site binding model employed by the
software that accompanies the calorimetric system where the stoichiometry (n) is set to be 1 (see
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Note 19). The fitting yields the equilibrium binding association constant (Ka), and the enthalpy
change (ΔHr°) of the reaction. The changes in reaction free energy (ΔGr°) and entropy (ΔSr°) as well
as the dissociation constant (Kd) are calculated using the relationship in Eq. 4. Errors in ΔHr°, Kd,
and ΔGr° are obtained as standard deviations of at least three experiments. Errors in ΔSr° are
obtained through propagation of errors
8. For binding to large, soluble oligomers or insoluble polymers (i.e., xyloglucan, cellulose, chitin,
etc.), place the LPMO in the syringe and the substrate in the reaction cell (see Note 20).
9. Prepare cellulose (phosphoric acid-swollen cellulose, PASC, 0.15 mg/mL) or xyloglucan (22 kDa,
from tamarind seeds, 0.9 μM) in Chelex-treated 20 mM MES buffer, pH 5.5 (see Note 20).
10. Degas and add PASC or xyloglucan in the reaction cell as described in steps 3 and 4. Suggested
temperature of the reaction is t = 25 and 10 °C, for PASC and xyloglucan, respectively.
11. Place 300 μL of 500 μM of the LPMO in Chelex treated 20 mM MES buffer, pH 5.5 in the syringe.
Inject 50 aliquots of 6 μL at 180 s intervals of the ligand solution into the reaction cell with a
stirring speed of 260 rpm.
12. Prior to further analysis, correct for heat of dilution by subtracting the heat produced by the
injections of ligand into the reaction cell after completion of the binding reaction. A complementary
approach is to subtract the heats produced by titrating the ligand into buffer alone in a parallel
experiment. Ideally, these heats should have the same magnitude.
13. Fit data as described in step 7 without fixing the stoichiometry (n).

4. Notes
1. The stoichiometric ratio between the LPMO and the CDH may need to be optimized for each LPMO
and may also need adjustment if another CDH is used.
2. Desalting can be achieved using several standard columns and two of these appear in this paper: PD
midiTrap G-25 & NAP-5, both from GE Healthcare. Note that certain carbohydrate-binding
modules, which are present on some LPMOs, may bind to some of the column materials used.
3. Under standard conditions, several adducts tend to be observed during MALDI analysis (Fig. 1), the
most common being sodium and potassium adducts. The fact that the m/z difference between a
sodium and a potassium adduct equals the m/z difference connected to an oxygen atom complicates
interpretation of mass spectra, although such interpretation is not impossible (Fig. 1). One simple
way of overcoming this multiplicity of signals, which may hamper product identification, is ion
doping to force the adduct composition to a defined adduct type, as described in detail in [27].
4. Samples may contain most buffers used in biochemistry labs, but avoid organic solvents (e.g.,
acetonitrile, methanol) in the sample matrix since several of these affect the PA-detection. Injection
volumes between 2 and 10 μL may be used. Five microliter injection has proven a suitable
compromise between resolution and sensitivity. Two microliters will result in slightly improved
resolution due to less sample diluent effects in HPLC. Increasing the injection volume to 10 μL may
be considered, but be aware that the sample diluent effect will affect resolution to some extent unless
your sample diluent is equivalent to the eluent.
AQ5

5. When eluents are prepared, note that the 50% NaOH solution has limited use due to carbonate
contamination; we usually discard these solutions when approximately half of it has been used. It is
critical to follow this and other procedures for mobile phase preparation or to follow equivalent
recommendations by instrument vendors, in order to achieve satisfactory results. The most important
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things to pay attention to are (1) the quality of water and chemicals, (2) sufficient degassing for
removal of dissolved carbon dioxide, (3) storage in an atmospheres with reduced content of carbon
dioxide (N2 or He-saturated headspace), (4) regular exchange of mobile phases (2–3 days shelf life)
and (5) to avoid all kinds of detergents in mobile phases (do not use detergent washing of mobile
phase bottles between eluent preparations, but restrict cleaning to rinsing with Milli-Q water, Type I,
18.2 MΩ cm). Extensive exchange of mobile phases on the column and careful column regeneration
after each change of eluent are also important in order to remove accumulation of carbonate
contaminations on the column.
1

13

6. H- C HMBC spectra provide further insight into the nature of the products. In the HMBC spectra
for the C4-oxidized products, correlations can be observed from H/C-5 and H/C-3 to a carbon
13
chemical shift of 95.9 ppm and 175.2 ppm. These C shifts correspond to a keto group (175.2 ppm)
and its hydrated geminal diol form (95.9 ppm), and the intensity ratio between these forms depends
on the pH of the sample. For the C1-oxidized products, the hydrated form (an aldonic acid)
dominates; this is observed as a correlation from H/C-2 to a carbon chemical shift of 181.1 ppm.
7. The protein concentration should not exceed ~15–20 g/L. Some proteins tend to be unstable at higher
concentrations when the excess of copper is added. Consider also the type of buffer that is used,
since some buffers are good copper chelators.
8. Use the same buffer that is used in the activity assays. Some buffers can interfere with analytical
methods. For example, MES can be detected in MALDI-TOF and HPAEC analyses.
9. It is advantageous to load lower sample volumes (~300–500 μL) with a high concentration in order
to limit dilution during desalting. Let the sample enter and add buffer to fill up the sample volume to
1.0 mL. This implies for example that one loads 400 μL of sample followed by 600 μL of buffer,
instead of loading 1 mL of sample.
10. In order to avoid carryover of excess copper, the elution volume is reduced to 1.0 mL instead of the
1.5 mL described in the manufacturer’s protocol. A second elution step using 500 μL of buffer may
be performed to collect the residual protein from the column. Note that some of the excess copper
will elute in this second elution step.
11. Preincubation allows the LPMO to bind to the substrate before the reaction is started. By adding the
reductant as the last component in the reaction, enzyme inactivation due to self-oxidation is
prevented in the initial stage of the reaction. Enzyme inactivation is often observed, which is why it
is important to always follow the progress of the reaction and to report progress curves.
12. It is important that the amount of reductant is suitable for the reaction. A good starting point is
1.0 mM of chemical reductant or 1.0 μM cellobiose dehydrogenase and 5.0 mM lactose. It has
recently been described that it is also possible to drive LPMO reactions by adding H2O2 [6]. In that
case, H2O2 need to be kept low and the amount of reductant added may be substoichiometric.
Regular addition of fresh H2O2 (and, possibly, reductant) is then necessary, since these compounds
will be consumed in the course of the reaction. Too high amounts of H2O2 should be avoided since
this may harm the enzyme. As a starting point, one may try initiating reactions by adding 10 μM
ascorbic acid and 100 μM H2O2.
13. Some LPMOs are active on soluble cello-oligosaccharides; in these cases, filtration will not stop
the reaction. One may consider using ultrafiltration spin filters.
14. When using NcLPMO9C under these conditions, approximately 70% of the native Glc5 will be
converted to Glc4gemGlc and Glc3 (in equimolar amounts), whereas the rest will be un-cleaved or
converted to small amounts of Glc4gemGlc2 and Glc2 (in equimolar amounts). By quantifying the
native products, the amount of C4-oxidized product in the standard sample can be determined. It is
of major importance to realize that C4-oxidized sugars are unstable at high pH, which implies,
among other things, that on-column degradation will occur when carrying out the chromatographic
analysis described in Subheading 3.2 [10]. Thus, quantitative analysis of C4-oxidized products
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according to the methods described here is not that accurate. It is obviously important to treat all
samples (standard and samples from for example a progress curve) in exactly the same manner.
Better quantification of C4-oxidized products may be obtained by carrying our chemical
modifications prior to chromatographic analysis by HPAEC-PAD, and several methods are
currently being considered and under development [28, 29]. It is also possible, albeit not
straightforward, to use other chromatographic techniques, in particular PGC (Porous Graphitic
Carbon chromatography [10].
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15. Note that the procedure for producing a C4-standard described above only yields an oxidized dimer,
which, consequently, is the only species that can be quantified. This is still useful since the by far
dominant of C4-oxidized products obtained after incubating a cellulosic substrate with an LPMOcontaining cellulase cocktail such as Cellic CTec2 is the dimeric species [15]. When using the
correct chromatographic setup, the C4-oxidized dimer yields a diagnostic peak in the HPAEC
chromatograms that can easily be quantified.
16. The amount of oxidized products can be determined by quantifying the nonconverted native
oligomer(s) and subtracting the amounts of nonconverted oligomers from the total amount of
oligomers used in the reaction. Note that CDH is active on cello-oligosaccharides of varying length
and that this approach thus can be used to quantify oxidized oligomers of varying lengths.
17. The dominant C1-oxidized products obtained after incubating a cellulosic substrate with an LPMOcontaining cellulase cocktail such as Cellic CTec2 are gluconic acid and cellobionic acid [14].
18. It has been observed for several LPMOs that the stoichiometry of copper ions versus LPMO is
higher than 1 (i.e., 2–3) at concentrations higher than 5 μM of the protein and at reaction
temperatures higher than t = 10 °C. The origin of this behavior has not been investigated. A
possible explanation is the occurrence of protein aggregation, which is more likely to take place at
temperatures and protein concentrations that are higher than the concentrations that yield a 1:1
stoichiometry.
19. The shape of the ITC binding curve is described by the so-called Wiseman c value [39]. which can
be expressed as follows: c = nKa[M]t, where n is the stoichiometry of the reaction, Ka is the
equilibrium binding association constant, and [M]t is the protein concentration. It is well established
that c values within the range of 10 < c < 1000 are a prerequisite for meaningful calculations of Ka.
It has been shown, however, that binding thermodynamics can be obtained even if c is in the range
of 0.01–10 if a sufficient portion of the binding isotherm is used for analysis [40]. This is achieved
by ensuring a high molar ratio of ligand versus protein at the end of the titration, accurate
knowledge of the concentrations of both ligand and protein, an adequate level of signal to noise in
the data, and known stoichiometry. The latter implies that the value of n (i.e., 1 for a 1 to 1 binding
system) needs to be fixed in the nonlinear fitting of experimental data to the theoretical model. In
our experience, binding of small, soluble oligomers yields a c value below 10 [28, 39]. Figure 5a, b
2+
illustrate this concept, showing data for binding of Cu to apo NcLPMO9C with a Ka of
7
−1
2+
3.0 × 10 M (Kd = 33 nM) with a c value of 150 and 1,4-β- -cellohexaose to NcLPMO9C-Cu
3
−1
Ka of 1.2 × 10 M (Kd = 0.81 mM) with a c value of 0.04. The binding isotherm changes from
being sigmoidal (high c value) to hyperbolic (low c value). In the first case (Fig. 5a), the fitting can
be used to determine the stoichiometry, n; in the second case (Fig. 5b), the stoichiometry needs to
be set.
20. It is in practice impossible to place insoluble polymeric substrates in the syringe in an ITC
experiment, but doing so with large soluble substrates, such as xyloglucan from tamarind seeds,
would in principle be possible. Still, placing PASC or the xyloglucan in the reaction cell and the
LPMO in the syringe carries an advantage, since this approach allows estimation of the number of
LPMO molecules binding to the substrate. In the case of NcLPMO9C binding to xyloglucan from
tamarind seeds, an average of 30 LPMO units bind to the xyloglucan with an estimated degree of
polymerization of the main chain of 594 (calculated from the sugar composition) with a Kd of
2.3 μM (Fig. 5) [41]. This suggests binding of one LPMO per 20 sugar residues in the main chain.
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If the experimental setup was reversed, with the xyloglucan in the syringe and the LPMO in the
reaction cell (as is the case for (Glc)6 binding to NcLPMO9C), the same Kd would be observed with
the reciprocal (i.e., 0.033) stoichiometry. With respect to for example PASC, the concentration of
the polymer needs to be set based on an estimation of an average chain length of the polymer. As an
example, Avicel-derived PASC prepared according to Zhang and Lynd is estimated to have an
average chain length of 200 glucose units [42]. This Avicel-derived PASC was used in the work of
Borisova et al. [41]. Here, a concentration of 4.5 μM PASC, yielding 6.4 nmol polymer chains
assuming 200 glucose units per chain, was placed in the reaction cell. A total of 300 μL of a 500
μM solution of NcLPMP9C (150 nmol) was needed to complete LPMO binding to the PASC, and
the fitting of theoretical data to the experimental data suggested that ~3 and ~11 NcLPMO9C bind
with a Kd of 0.013 μM and 0.64 μM, respectively, per polymer chain of PASC (Fig. 5).
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