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Nanoscale topographies and chemical patterns can be used as synthetic cell interfaces with a range of applications including
study and control of cellular processes. Herein, we describe the fabrication of high aspect ratio nanostructures using electron
beam lithography in the epoxy-based polymer SU-8. We show how nanostructure geometry, position and fluorescent properties
can be tuned, allowing flexible device design. Further, thiol-epoxide reactions were developed to give effective and specific
modification of SU-8 surface chemistry. SU-8 nanostructures were made directly on glass cover slips, enabling the use of high
resolution optical techniques such as live-cell confocal, total internal reflection and 3D structured illumination microscopy to
investigate cell interactions with the nanostructures. Details of cell adherence and spreading, plasma membrane conformation
and actin organization in response to high aspect ratio nanopillars and nanolines were investigated. The versatile structural and
chemical properties combined with high resolution cell imaging capabilities of this system are an important step towards better
understanding and controlling cell interactions with nanomaterials.

Introduction

Analysing, perturbing and manipulating cells in vitro is of
fundamental importance in unravelling the molecular mech-
anisms of life. In turn these insights can lead to better under-
standing and treatment of pathologies, as well as drive devel-
opments within fields such as tissue engineering and neuro-
science. Adherent cells interact strongly with their surround-
ings and this interactivity can be exploited to study and mod-
ify cell behaviour by introducing topographical or chemical
micro- and nanoscale features1–5.

Recently, there have been significant developments in bio-
logical applications of nanostructured surfaces, in particular
high aspect ratio nanowires, nanopillars and nanotubes6,7.∗

In these systems, regular or randomly arranged nanostruc-
tures protrude vertically from a flat substrate. The geome-
try of the nanostructures allow them to form a cellular in-
terface with a nanoscale cross-section (typically around 100
nm), while simultaneously protruding into the cell body, al-
though the details of this interface is still an area of active
research8–10. Biological use of high aspect ratio nanostruc-
tures has led to several novel applications, including electri-
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cal interrogation of neurons11–13, single-cell force measure-
ments14, cell motility control15–17, induction of stem cell dif-
ferentiation18, assessing differential cell response19, cell cap-
ture20,21 and nanostructure-aided delivery of various func-
tional molecules8,22–25.

So far, inorganic materials such as semiconductors with
high stiffness (which translates into high potential aspect ra-
tios) have been used in the design of high aspect ratio nanos-
tructures for biological applications. However, there are sev-
eral advantages in using polymer materials as nanostructured
cell culture substrates4,26,27. These include low materials
cost, rapid and mild processing, optical transparency for bet-
ter readout and characterization possibilities, increased de-
sign flexibility, and biocompatibility. In this regard, SU-8 is
a promising candidate material for realising high-aspect ratio
nanostuctures in polymer materials. SU-8 is a photosensitive
epoxy-based resin that is widely used in MEMS technologies
for creating patterned microscale features of high aspect ratios
due to its relatively high stiffness, chemical resistance, optical
transparency and ease of processing28. To achieve nanoscale
features, SU-8 has also been explored as an electron-beam re-
sist, demonstrating very high electron sensitivity and sub-100
nm resolution for thin films29. Although the focus of most
studies has been on low aspect ratio features, one group has
demonstrated the use of 500 nm high SU-8 nanopillars for bio-
sensing purposes30,31, and nanoimprinted SU-8 nanopillars
have also been used for cell traction force measurements32.

In addition to the possibility of nanoscale patterning, SU-
8 is chemically tunable and biocompatible33,34. SU-8 has
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been functionalized via several different routes, including un-
reacted surface epoxide groups35, epoxide ring-opening mod-
ification via treatment with strong oxidizing acids34,36, pho-
tografting37 or by exposure to oxygen plasma38, in many
cases followed by e.g. silane treatment39. For surface chem-
istry specific to SU-8, and therefore potentially orthogonal to
other materials in the device, the unreacted epoxide groups
offer the most attractive route for conjugation. Multifunc-
tional amines are standard curatives for epoxy resins, and
thus amine-epoxide reactions are well characterized40. How-
ever, for surface chemistry modification of SU-8, amine-based
procedures have not been highly successful, with the few re-
ported successes being time-consuming and harsh, increasing
the likelihood of damaging fragile structures35. Thus novel
approaches to specifically modify SU-8 surface chemistry are
needed. Thiol-based chemistry offers an attractive alternative,
as thiol-epoxide ”click” reactions are gaining popularity as a
simple and efficient conjugation method41,42. Indeed, thiol-
modified oligonucleotides have been conjugated to SU-8 in a
rapid UV-mediated ”click” reaction43, but this reactivity has
not been explored in a more general sense.

In this work, we develop a flexible SU-8 based platform
for biological applications, with emphasis on high aspect ratio
nanostructures. We optimize the fabrication of up to 1 µm high
SU-8 nanostructures by electron beam lithography directly on
glass cover slips for facile integration with typical cell biology
procedures and microscopy methods. Thiol-epoxide ”click”
reactions are implemented to selectively alter SU-8 surface
chemistry. Further, cell responses to different high aspect ra-
tio SU-8 nanostructures are investigated. In particular, we use
methods such as high resolution live cell imaging and super-
resolution microscopy for detailed characterization of the in-
terface between cultured cells and SU-8 nanostructures. We
show that the SU-8 nanostructures are highly cell compatible,
but can influence cell shape, adhesion, membrane morphol-
ogy and actin structure. The presented system offers promise
for cell biological applications of high aspect ratio polymer
nanostructures, while simultaneously allowing the investiga-
tion of the interface between the cells and nanostructures and
subsequent cell responses to be studied in unprecedented de-
tail.

Results and discussion

SU-8 nanostructure fabrication

High aspect ratio nanoscale features were defined in spin-
coated SU-8 films on glass cover slips by electron beam
lithography (Figure 1). Uniform arrays of nanopillars (Fig-
ure 1A and B) or nanolines (Figure 1C) could be made over
mm2-sized areas in under 5 minutes of exposure time. The
fabrication was initially optimized by tuning electron exposure

doses and process parameters including post-exposure baking
and development to give nanostructures that withstood cap-
illary collapse upon drying after development, while retain-
ing as high aspect ratio as possible (details given in Materi-
als and Methods). Using single pixel dots or lines as the ex-
posure design, aspect ratios (height divided by feature width
at half height) of about 7 could be obtained for the resulting
nanoscale pillars and lines when 1 µm high, a doubling com-
pared to previously reported results30. Tip diameters in this
case were about 100-120 nm (see ESI† Figure S1).

Nanostructure height could be altered by spinning the ini-
tial SU-8 film to different thicknesses (Figure 1D). If thicker
(i.e. ≥ 1 µm) SU-8 films were used, nanopillars and nanolines
tapered outward toward their base due to electron scattering
in the resist, limiting the height of well-defined nanoscale fea-
tures to about 1 µm with our 30 kV electron beam lithography
system (see ESI† Figure S2). Nanostructures could be arbi-
trarily patterned, the only limitation being that the spacing (ar-
ray pitch) could not be less than approximately half the height
of the SU-8 (i.e. 500 nm spacing for 1 µm high nanopillars),
otherwise a rough, semi-continuous SU-8 layer was formed
between features due to the proximity effect. Nanostruc-
ture diameter could be both reduced and increased from the
diameter obtained by single-pixel exposure (Figure 1E). In-
creased feature diameters were obtained by exposing small ar-
eas rather than single pixels, to give arbitrary diameters above
the initial 120 nm. To reduce nanostructure diameters, oxygen
plasma etching was performed. A low power (50W) oxygen
plasma controllably reduced both the height and diameter of
the nanostructures. For 1 µm high nanopillars, the tip diame-
ter could be reduced to about 50 nm with 2 minutes of oxygen
plasma treatment, giving tip:height aspect ratios of over 16 af-
ter taking the reduced height into account (see ESI† Figure
S1). The average aspect ratio remained similar to untreated
nanopillars at about 7. 40-50 nm was a lower limit to the tip
diameter using this method, as tips broke off and fragmented
upon further etching.

Finally, the nanostructures could be made fluorescent by
doping the SU-8 with a fluorescent dye (Figure 1E). Here,
Rhodamine 6G (excitation at 561 nm) and Oxazine 170 (exci-
tation at 633 nm) were used successfully, but any fluorescent
dye could in principle be used as long as it is sufficiently hy-
drophobic to dissolve in the SU-8 solvent while retaining its
fluorescent properties.

Direct writing using electron beam lithography is inherently
a serial, and thus a ”low” throughput technique. The advan-
tages include high flexibility and the possibility to quickly al-
ter designs, as well as having a simple process consisting of
only very few processing steps. Further, positional accuracy,
geometric control and optional intrinsic fluorescence give re-
liable and consistent results across experiments, and allow
transfer of results to other systems. Even with a basic EBL
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Fig. 1 Properties of high aspect ratio SU-8 nanostructures produced on glass cover slips by electron beam lithography. (A) Tilted SEM image
of a regular hexagonal array of 1 µm high nanopillars with 5 µm spacing. Tip diameters are about 100-120 nm, and aspect ratio (height divided
by average diameter) are about 7. Scale bar 1 µm. (B) Top view of hexagonal nanopillar array with 2 µm spacing. Scale bar 10 µm. (C) Top
view of nanolines of different lengths (2 and 200 µm), with corresponding aspect ratios as the nanopillars. Scale bar 5 µm. (D) Nanostructure
height was varied by using different SU-8 resist thicknesses, in the range of 100 nm to 1 µm. Scale bars 200 nm. (E) The diameter of
nanostructures was altered compared to the initial single-pixel defined features, upwards by exposing larger areas and downwards by oxygen
plasma etching for 60 s (75 nm tips) or 120 s (50 nm tips). Scale bar 200 nm. (F) Oxazine 170 or Rhodamine 6G-doped SU-8 was used to
make fluorescent nanostructures, such as the hexagonal array (similar to (A) and (B)) shown in the confocal micrograph. Scale bar 2 µm. The
SEM images in D and E are collected at 40◦ tilt from a top view, while (A) is collected at 85◦.
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system as the one used in this work, sufficient writing speed
for laboratory-scale experiments (typically 1-2 minutes per
mm2) could be achieved due to the extreme sensitivity of the
SU-8 resist29. Even this number would be greatly improved
with modern, higher throughput EBL systems. One current
limitation is the maximum feature height of about 1 µm, which
is at the shorter end of the spectrum of high aspect ratio nanos-
tructures reported in the literature6. However, EBL systems
with higher acceleration voltages are available (typically 100-
125 kV compared to 30 kV in our system), which would fur-
ther increase the potential aspect ratio and height of the fea-
tures44, due to significantly lower electron scattering in the re-
sist (see ESI† Figure S3). Other direct-write techniques such
as direct laser writing (DLW) or two-photon polymerization
could potentially increase device production throughput, but
suffer from lower feature resolution45,46. Higher throughput,
high resolution methods to structure SU-8 such as nanoimprint
lithography47 are attractive for further developments, while
electron beam lithography offers simpler and faster prototyp-
ing for initial investigations.

SU-8 surface chemistry modifications

Simultaneous control over surface chemistry and surface to-
pography is of great interest in biological applications. In par-
ticular, if the nanostructures are made of a different materials
than the substrate, such as is the case of our SU-8 nanostruc-
tures on glass, new possibilities emerge for specifically tuning
surface chemistry and cell response. To this end, we investi-
gated the reactivity of unreacted epoxy-groups on SU-8 with
candidate amino and thiol functional molecules under mild,
aqueous conditions.

In particular, β -mercaptoethanol (OH(CH2)2SH, ME), 10
kDa PEG-thiol ((CH2CH2O)n−SH, PEG-SH) and cysteamine
(NH2(CH2)2SH) were investigated as bi-functional thiols with
different secondary groups. Ethanolamine (OH(CH2)2NH2,
EA) was used as a comparison as it is commonly used to
quench epoxide groups48. Solutions were made at 1 M (ex-
cept for PEG-SH which was made at 1 mM), and the pH was
adjusted to the pKa of the reactive group (typically between
pH=8 and pH=10) to ensure an equal concentration of the nu-
cleophilic (deprotonated) species of each molecule. The sur-
face modification potential of each molecule was initially as-
sessed by measuring the static, advancing and receding water
contact angles on uniform (unpatterned) SU-8 films after im-
mersion in the modifying solution for up to 60 minutes at room
temperature (Figure 2A).

The increased reactivity of the thiol species compared to
similar amine species was demonstrated by the stronger reduc-
tion of contact angle observed for β -mercaptoethanol com-
pared to ethanolamine. Another thiol, cysteamine, was inves-
tigated for introducing amine groups to the SU-8 surface, a

key functionality for further biofunctionalization. Unexpect-
edly, cysteamine showed an extremely strong reduction of the
water contact angle. Already after 15 minutes of incubation a
strong contact angle reduction was observed, and after 60 min-
utes the SU-8 surface was nearly completely wetted by the test
droplet (Figure 2B). This indicates a significant conversion of
the epoxide groups to thioether-bound cysteamine. The rea-
son for the increased efficacy of cysteamine compared to other
thiol-species is unknown, but we speculate that it might be re-
lated to either an intra-molecular or inter-molecular catalytic
effect of the amine group. For all surfaces a significant contact
angle hysteresis (difference between advancing and receding
contact angles) was observed, presumably reflecting the mixed
surface chemistry present49.

To verify that the negatively charged thiolate ions were in-
deed responsible for the modification of the SU-8 surface,
additional experiments were performed with thiol-containing
and control solutions at various pH and concentrations (see
ESI† Figure S4). These indicate that 1 M cysteamine at al-
kaline pH was the most potent surface modification species,
but also β -mercaptoethanol showed an increased effect at pKa
compared to lower pH. Control solutions at high or low pH
without amines or thiols only slightly altered the contact an-
gle. As a positive control, freshly plasma cleaned SU-8 was
observed to be completely wetting as previously described38.

Further details of the wet chemical modification of SU-
8 with cysteamine were investigated by x-ray photoelectron
spectroscopy (XPS), a surface sensitive method. XPS analysis
was performed of native SU-8 and cysteamine-modified SU-
8 (1 hour incubation). Selective nitrogen 1s (Figure 2C) and
sulphur 2p (Figure 2D) scans demonstrate increased nitrogen
and sulphur content on the surface of the modified SU-8 films
compared to native SU-8, indicating binding of cysteamine
to SU-8. The increase in signal around 170 eV in the native
SU-8 sulphur 2p spectra was attributed to a silicon 2p plas-
mon loss peak from the underlying substrate through defects
or scratches in the SU-8 film (see also ESI† Figure S5). Peak
area quantification of the cysteamine-modified SU-8 spectrum
yielded normalized atomic percentages for carbon 1s (60%),
oxygen 1s (37%), nitrogen 1s (2%) and sulphur 2p (1%), a
nitrogen/carbon ratio of 0.03 and a sulphur/carbon ratio of
0.013. As each cysteamine molecule contains one nitrogen
and one sulphur, the increased signal of nitrogen compared
to sulphur indicates that it is the thiol group of cysteamine
that binds to SU-8, as indicated in the contact angle stud-
ies. Although the atomic percentages apparently indicate a
quite low coverage of cysteamine on SU-8, cysteamine mono-
layers on gold are known to absorb significant amounts of
oxygen- and carbon-containing contaminating molecules. In
one study, even at full monolayer coverage of cysteamine, the
nitrogen/carbon ratio was only 0.1 compared to the theoretical
value of about 0.550. In our case the underlying surface (SU-8)
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also consists of carbon and oxygen, and it was not possible to
distinguish the carbon and oxygen contribution from surface
contamination and the SU-8. Quantification of the cysteamine
surface coverage was therefore not possible, but the surface
coverage is likely significantly higher than indicated by the
atomic percentages.
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Fig. 2 (A) Static, advancing and receding contact angle of SU-8
after reacting surface-epoxide groups with ethanolamine (EA),
β -mercapto ethanol (ME), PEG-thiol and cysteamine. All
treatments were 1 hour at room temperature, except cysteamine
which was 15 minutes, as 60 minutes of cysteamine gave
non-measureable (< 10◦) contact angles. Error bars indicate ± S.D.
(B) Examples of images acquired during contact angle
measurements, illustrating the changes in contact angles that
occurred. High resolution XPS spectra of nitrogen 1s (C) and
sulphur 2p (D) peaks of native and cysteamine-modified SU-8.

To demonstrate the chemical functionality of modified
SU-8 surfaces, fluorescent NHS-rhodamine was used as a
probe (Figure 3A). NHS-rhodamine binds covalently to amine
groups, such as those introduced by the cysteamine reaction
with unreacted SU-8 epoxide groups. Conversely, due to its
inherent hydrophobicity, native SU-8 is known to have high
non-specific adsorption46, so other treatments were assessed
to reduce non-specific adsorption of NHS-rhodamine to SU-8.

Under the measurement conditions, some SU-8 autofluores-
cence was observed, constituting the signal in the unlabelled
control. As expected, untreated SU-8 showed an increased
fluorescence signal after treatment with NHS-rhodamine due
to non-specific adsorption. Treatment of SU-8 with oxy-
gen plasma, β -mercaptoethanol or PEG-SH reduced NHS-
rhodamine binding to SU-8 to levels close to the unlabelled
control. In comparison, cysteamine-treated SU-8 showed a
substantial increase in fluorescence signal, indicating conju-
gation of NHS-rhodamine to the amine groups presented by
the cysteamine-modified SU-8. It should be noted that during
initial experiments it was observed that the chemistry of the
glass substrate was altered after the SU-8 fabrication process,
leading to an observable fluorescent background on the glass
after NHS-rhodamine treatment. To regenerate the expected
surface chemistry of glass, a NaOH-based wet chemical clean-
ing step was implemented for all experiments, as this cleaning
method did not appear to alter SU-8 chemistry (see details in
ESI†).

”Orthogonal” chemistry, i.e. introduction of independent
functionality on SU-8 and glass, was demonstrated by specif-
ically labelling the glass substrate after treatment of pat-
terned SU-8 features with cysteamine and NHS-rhodamine
(Figure 3B). The glass was labelled with FITC-labelled
poly(ethyleneimine) (PEI), which is a highly cationic poly-
mer that binds strongly to the negatively charged glass. Con-
versely, PEI would not bind to the rhodamine-modified SU-
8. Using this method, both larger SU-8 features and SU-
8 nanopillars were selectively labelled with NHS-rhodamine,
while the glass was selectively labelled with FITC-PEI.

Orthogonal modification could be used to tune cell adhe-
sion properties to glass or SU-8. As PEG monolayers are well
known for preventing cell adhesion, SU-8 was modified by
PEG-SH to see if a reduction in cell adhesion was obtained.
Although the standard modification procedure used above re-
duced the contact angle and NHS-rhodamine binding on SU-
8, the PEG-layer formed was presumably not dense enough
to significantly reduce cell adhesion, as little difference was
observed compared to control samples. To increase the PEG-
SH-epoxide reaction efficiency, UV-light was used to catalyse
the reaction, as recently described for immobilizing thiolated
DNA oligomers43,51. The UV-immobilized PEG-SH mono-
layer on SU-8 substantially reduced cell adhesion to SU-8 fea-
tures, while cell adhesion was still supported on the surround-
ing glass areas (Figure 3C).

Conversely, to avoid cell adhesion on glass, while allow-
ing cells to attach to SU-8 features, the samples were cleaned
as above and incubated in PLL-g-PEG, which creates a cell-
repellent self-assembled monolayer on negatively charged sur-
faces52. After cell culturing, almost no cells adhered on the
glass, while adhering well to the unmodified SU-8 (Figure
3D).
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It is possible that other solution conditions such as increased
pH or temperature or the inclusions of catalysts could increase
the efficiency of the thiol-based SU-8 modification reactions.
However, we have shown that even at mildly alkaline aque-
ous conditions the thiol-based solutions are potent at modify-
ing SU-8 micro- and nanostructures, especially in the case of
cysteamine forming an amine-rich surface on the SU-8. UV-
enhanced grafting offers an alternative route that increases
grafting efficiency, such as in the case of directly rendering
SU-8 cell repellent by PEG-SH treatment. Such simple and
robust surface modifications can have great impact for the use
of SU-8 in e.g. DNA microarrays34, microfluidics35 or for
cell device applications39 as also presented here.

General influences of SU-8 nanostructures on cells

Cell compatibility, ease of use and high quality imaging are
advantageous features of nanostructured devices when used
for cell biological applications. Standard glass cover slips pat-
terned with SU-8 nanostructures were mounted under 3.5 mm
holes drilled in the base of 35 mm petri dishes, in a config-
uration similar to standard glass-bottom dishes used for mi-
croscopy (see schematic in ESI† Figure S6). To reduce the
number of variables investigated, only oxygen plasma treated
nanostructures were used for cell investigations, ensuring a
highly cell-compatible surface chemistry53. Unless otherwise
specified, 1 µm high nanostructures in hexagonal arrays were
used for all experiments.

To assess cell-nanostructure compatibility, HeLa cells
were grown on nanopillars and nanolines 1 µm high and
120 nm in diameter with different spacings for 24 hours,
stained with live/dead staining (calcein-AM and propidium
iodide) and imaged live using confocal microscopy. Im-
ages were automatically analysed using CellProfiler. For all
nanopillar spacings, the viability was about 98%, similar to
glass controls (Figure 4A), and cell density was also un-
changed at about 400 cells/mm2 for the chosen seeding density
(20000 cells/cm2). A reduction in projected spreading area of
the cells was observed for nanopillars spaced by 0.75 µm to
2 µm, while for nanopillars spaced by 5 µm the spreading area
was not significantly different from glass controls. At the mea-
sured cell areas, 1 µm and 5 µm spacing correspond to about
500 and 30 nanopillars per cell, respectively. High viability
but somewhat reduced spreading area is consistent with earlier
reports of cells on e.g. polystyrene nanopillars of similar di-
mensions as ours (although more densely spaced)54, and also
general trends in studies of cells on other types of high aspect
ratio nanostructures6.

In addition, it was investigated whether nanolines could in-
duce directional effects in the cells (i.e. elongation and orien-
tation alignment), as it is well known that cells tend to align
along elongated topography in the substrate55. Indeed, on
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Fig. 3 (A) Fluorescence intensity of flat SU-8 surfaces labelled by
NHS-rhodamine after various surface treatments. The signal in the
negative control is SU-8 autofluorescence. Error bars indicate ±
S.D. (B) Orthogonal labelling of SU-8 and glass. SU-8 was
functionalized with cysteamine and conjugated to NHS-rhodamine,
while the negatively charged glass was subsequently labelled by
FITC-PEI. Below each figure are intensity linescans from the
indicated dashed lines. (C, D) Calcein-AM-labelled HeLa cells
grown on large-scale SU-8 features on glass. When modified with
PEG-SH (C), the cell adhesion was reduced on SU-8 features. When
the glass was modified by PLL-g-PEG (D), cell adhesion was
instead reduced on glass, while the unmodified SU-8 was able to
support cell adhesion. The SU-8 area is delineated by the stippled
circle, the scale bar is 500 µm.
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Fig. 4 HeLa cells were cultured for 24 hours on substrates with
1 µm high, 120 nm diameter oxygen plasma treated hexagonal SU-8
nanopillar arrays with nanopillar spacings of 0.75 µm to 5 µm, or
square nanoline arrays with 1 µm high, 120 nm diameter nanolines
with lenghts of 2 µm to 500 µm and spacings of 1 µm to 10 µm and
compared to glass controls. The cells were labelled with
calcein-AM (live cells) and propidium iodide (dead cells) and
imaged live using a 10X objective and analysed for viability and cell
shape using CellProfiler. (A) Cell viability was unchanged from
glass controls for the different nanopillar spacings. (B) Projected
cell area was significantly reduced on nanopillar array spacings of
0.75 µm to 2 µm, while the area was similar to flat glass for 5 µm
spaced nanopillar arrays. (C) Cells became more elongated and (D)
better aligned compared to glass controls on nanolines, especially
longer nanolines. Error bars indicate ±S.D., significance assessed
by student’s t-test, 2-tailed assuming unequal variance.

nanolines 1 µm high, with a top diameter of about 120 nm,
spacings of 1-10µm and lengths from 2 µm to 500 µm, both
elongation and alignment of cell orientation with the nano-
lines was observed (Figure 4C and D). Elongation was mea-
sured by the ratio of the major axis to minor axis of the best-
fit ellipse for each cell, while alignment was measured by the
standard deviation in the orientation of the major axis of the
ellipse. In particular, nanolines substantially longer than the
cells (i.e. 500 µm) gave the strongest elongation and align-
ment, although 5 and 10 µm lines also gave a stronger align-
ment than 2 µm lines or glass control. On the other hand, for
500 µm long lines the spacing was less important in the investi-
gated range, except in the case of 1 µm, where both elongation
and alignment was reduced. The high degree of tunability and
control over elongated high aspect ratio features can have im-
portant applications within neural studies and in vitro neural
network construction45.

Cell interactions with SU-8 nanostructures

To gain a better understanding of how single cells respond to
the SU-8 nanostructures, in particular 1 µm high nanopillars
and nanolines, high resolution optical microscopy was used

to image HeLa cell cytoplasm, plasma membrane and actin
filaments while growing on nanostructures. The cells were
studied 24 hours after seeding, to ensure that all initial cell
adherence processes had completed. For initial investigations,
the cell cytoplasm was labelled with calcein-AM, and the cells
were imaged live using a 63X 1.4NA oil immersion objective.
As has been reported before for nanowires8,22, the nanostruc-
tures were visible as black features (dots or lines) against the
fluorecent cell cytoplasm due to the cytoplasmic volume ex-
cluded by the nanopillars (Figure 5). One noticeable feature
was that cells on nanopillars spaced by ≤ 1 µm in many cases
had a reduced cytoplasmic signal in significant portions of
the cell body (Figure 5A). This can be explained by a ”bed
of nail” effect, where areas of the cell body were suspended
above the cover slip (and thus above the focal volume of the
microscope), appearing darker. This situation was dynamic, as
the area of the cell body in contact with the cover slip changed
over time, as shown in excerpts from a one hour time-lapse
in Figure 5A. The full time-lapse is available in ESI† Movie
S1. The opposite case, where initially adhered areas of a cell
became suspended, was also observed (ESI† Movie S1). The
occurrence of a number of mobile filopodial extensions was
observed under the suspended areas of the cell.

Such a ”bed-of-nails” effect on cells suspended by dense
arrays of high aspect ratio nanostructures has been reported
before9,56, but in these cases the nanowires were longer than
our nanopillars (typically 5-10 µm compared to 1 µm), leading
in most cases to suspension of the entire cell body (occasion-
ally excluding longer protrusions such as axons). In contrast,
we observed that in all cases at least a portion of the cell body
remained in contact with the cover slip. Even ”fully adhered”
cells, typically observed on nanopillars spaced by ≥ 2 µm, the
height of the cytoplasm (and thus the contact with the cover
slip) could also fluctuate in an area around the position of sin-
gle nanopillars, as indicated by a temporarily reduction in the
cytoplasmic signal (Figure 5B). This can be envisioned as a
the cell cytoplasms adopting a tent-shaped surface with the
nanopillar as the tent-pole. This form of local cell cytoplasm
deformation has been described theoretically57, and these re-
sults indicate demonstrate these states as part of a dynamic
interaction between the cells and nanopillars.

Shorter nanolines (2 µm long and spaced by 2 µm) caused
a similar cytoplasm exclusion effect as nanopillars at all line
positions (Figure 5C), while longer lines (e.g. 500 µm spaced
by 2 µm) additionally suspended larger areas of the cells, as
indicated by darker areas in the cell cytoplasm (Figure 5D).

Together, these results indicate that there is a constant and
shifting balance of forces between adhesion energy to the
cover slip (and possibly the nanostructures) on one hand,
and the energy required to engulf the nanostructures on the
other hand, as also indicated by theoretical models57. These
changes in modes of cell adhesions could have implications
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Fig. 5 Confocal micrographs of live calcein-AM labelled (green)
HeLa cells showing dynamics of cell adhesion on nanopillar
substrates. The focal plane was fixed just above the substrate,
brighter areas indicate cell cytoplasm close to the coverslip, darker
areas indicate cell cytoplasm raised from the coverslip. (A) Single
HeLa cell transitioning from a mostly suspended to nearly fully
adhered state on 1 µm spaced nanopillars. Nanopillars are seen as
black dots against the green cytoplasmic background. Scale bar
10 µm. (B) Cells were generally adhered on 5 µm spaced
nanopillars, but the cell cytoplasm distance to the cover slip could
still fluctuate locally around single nanopillars as observed by a
temporary decrease of the intensity. An image of the nanopillar
(magenta dot) is overlayed. Scale bar 2 µm. The full time-lapse
sequences are available in the ESI† as Movie S1 and S2. (C) On
shorter lines, such as 2 µm lines spaced by 2 µm, the cells remained
fully adhered, only showing a cytoplasmic exclusion effect at the
nanolines, while on longer lines of 500 µm spaced by 2 µm (D),
larger areas of the cells could be suspended between the lines, as
seen by the darker cytoplasmic signal in portions of the cells. Scale
bars (C) and (D) are 10 µm, Hoechst-labelled nucleus shown in cyan.

for applications within cell migration15, cell force studies14,
as well as cell capture58 and stem cell guidance27.

Although the cytoplasmic exclusion effect is occasionally
indicated as proof of cell plasma membrane penetration, we
and others have shown that the cell plasma membrane can
wrap tightly around high aspect ratio nanostructures, lead-
ing to similar cytoplasmic images without membrane pene-
tration8,10,59. To gain increased insight into the cell mem-
brane conformation around our SU-8 nanopillars, in particular
to investigate whether nanopillars could be observed to pene-
trate the cell plasma membrane, we used combined widefield
and TIRF fluorescence imaging of CellMask Orange-labelled
HeLa cells (Figure 6).

On square arrays of 1 µm high, 120 nm tip diameter nanopil-
lar arrays spaced by 1 µm, an increased membrane signal was
observed at each nanopillar site, although the signal varied
within each cell (Figure 6A, left panel). This effect can be
explained by considering that if the cell membrane wraps
around the nanopillar, the number of fluorophores in the flu-
orescence excitation volume (which typically extends at least
500 nm in z-direction) increases as the membrane rises along
the nanopillars in parallel with the optical axis60. The sig-
nal intensity variation can be explained by different degrees
of cell membrane wrapping around the nanopillars, as the cell
is suspended to various heights. Correspondingly, as TIRF
microscopy is only sensitive to fluorescent structures within
close vicinity (50-100 nm) of the cover slip, adhered areas
of the cell membrane gave a strong signal, while in areas
where the cell membrane was suspended by the nanopillars
the TIRF signal disappeared (Figure 6A, center panel). This
occurred both locally at each nanopillar, and over larger ar-
eas towards the cell centers, confirming the results from the
cell cytoplasm imaging above. The cell body suspension ef-
fect disappeared as soon as the spacing between the nanopil-
lars increased, even locally, as could be observed at the gap in
the nanopillar pattern indicated in Figure 6A. On 2 µm spaced
pillars, the cells remained fully adhered as indicated by the
corresponding TIRF and widefield signals (ESI† Figure S7).

By comparing the relative intensities of the widefield and
TIRF signals, three observed membrane states are proposed
(Figure 6B). State (1), with a strong TIRF signal adjacent to
the nanopillars and the widefield membrane signal enhanced
at the nanopillar site, indicates a tight wrapping of the nanopil-
lar by the cell membrane. In state (2), the absence of a TIRF
signal indicates that the membrane is suspended, and the re-
duced widefield signal indicates a low degree of nanopillar
wrapping. In state (3), the presence of a increased widefield
signal combined with the absence of a TIRF signal indicates
partial membrane wrapping of the nanopillars, and thus is an
intermediate state between fully wrapping (1) and suspended
(2) states.

A fourth state is also possible, in which the nanopillars
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Fig. 6 Widefield and TIRF micrographs of the plasma membrane of CellMask orange-labelled HeLa cells on 1 µm high square nanopillar
arrays with 1 µm spacing. (A) An increase of widefield signal could be observed at nanopillar locations (left panel), although in general the
membrane signal was stronger towards the periphery of the cells. Corresponding TIRF images (center panel) highlights areas of the cell
membrane in contact with the cover slip, demonstrating that the cell membrane is in fact suspended towards the center of the cells on this
nanopillar spacing. Gaps in the nanopillar array such as indicated in the left panel led to membrane contact with the cover slip. (B) By
inspection of the intensity relations between widefield and TIRF signals of the same areas, several alternate membrane states are proposed. (1)
Fully ”wrapping”, (2) fully ”suspended” or (3) ”partial wrapping”, taken from the areas marked in (A). The fourth alternative state of
”penetration” was not observed. Scale bars 5 µm.
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would directly penetrate the cell membrane and no wrapping
would occur. This state would be characterized by a low wide-
field signal together with a high TIRF signal, but this was
not observed in our experiments. Transmission electron mi-
croscopy (TEM) investigations of neurons on quartz nanopil-
lar arrays have revealed similar results, indicating both wrap-
ping and suspended states, depending on nanopillar diameter
and spacing10. However, the interim states of partial wrapping
of nanopillars, or that different areas of the cell is suspended
or adhered to the cover slip was not reported, and would be
beneficial to investigate further using TEM. Note that a local
membrane penetration only at the top of the nanopillar or at
isolated places along the nanopillar could still occur as sug-
gested in theoretical models57, as this state would not be dis-
tinguishable from state (1) or (3).

Actin filaments and cell membrane dynamics are highly
interrelated61. Previous observations indicate that actin fil-
aments might be influenced by the presence of high aspect
ratio nanostructures8. This was observed to be the case for
our SU-8 nanopillars and nanolines as well. Initial confocal
microscopy showed colocalization between phallodin-labelled
actin in HeLa cells and nanopillars, but the resolution was in-
sufficient to gain further insight into the actin structure (see
ESI† Figure S8). Due to the nature of our device (the 0.17
mm glass cover slip substrate in particular) super-resolution
optical microscopy methods such as 3D-SIM and STED could
be used to image actin filaments at higher resolution. Actin
was observed to bundle around the nanopillars, although the
amount of actin varied from pillar to pillar (Figure 7A). Thus,
it is unlikely that this effect arises only due to signal enhance-
ment as described for the membrane signal above, rather a
more specific interaction is likely in this case. Additionally, in
certain cells (about 10%) on 1 µm spaced nanopillars, align-
ment of actin filaments was observed along specific directions
in the nanopillar array (a hexagonal array in this case), as
shown in Figure 7B. On 500 µm nanolines, which were shown
to induce the strongest alignment and elongation above, reg-
ular confocal microscopy showed alignment of the actin fila-
ments along the direction of the nanolines (Figure 7C). The
actin filaments did not appear to bind to the nanolines, but
rather formed between them, although actin filaments were
observed to cross lines occasionally (figure 7C, inset). Fi-
nally, 500 µm nanolines could be seen to induce the forma-
tion of highly elongated, actin-containing cell protrusions (up
to 200 µm in length), which were guided along the sides of
single nanolines (Figure 7D).

Although filopodia are known to react and bind to nanoscale
topographies62, such local and specific actin structures have
not been reported before on high aspect ratio nanostructures,
and could contribute in the understanding cell interactions
with nanostructured surfaces.
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Fig. 7 3D-SIM, STED and confocal microscopy of HeLa cell actin in response to arrays of 1 µm high, 120 nm diameter nanopillars and
nanolines. Maximum intensity projection of a 3D-SIM stack showing phalloidin-Alexa488-labelled actin (green), Hoechst 34580 labelled
nucleus (blue) and 1 µm spaced nanopillars (magenta) in a hexagonal array. The actin filaments associated with the nanopillars at multiple
locations both in the cell center and periphery. The cut-outs are single planes and cross-sections from the stack at the indicated positions.
Scale bar 5 µm. (B) STED image of actin filaments forming aligned bundles that appear to be directed by the the hexagonal array of
nanopillars in the majority of the cell. (C) Confocal micrograph of cells on 1 µm high, 500 µm long nanolines spaced by 2 µm, showing that
actin filaments orient along the direction of the nanolines, but do not appear to bind significantly to the nanolines. However, actin filaments
could cross the nanolines, as shown in the inset. Scale bar 10 µm, inset 2 µm. (D) 500 µm long nanolines spaced by 10 µm could guide
actin-containing cellular protrusions along the side of the lines, leading to highly elongated cells spanning up to 400 µm. Scale bar 50 µm.
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Conclusion

Enhanced surface-based delivery of functional
biomolecules23,24,63, neural guidance15,56, cell differ-
entiation and response18,19 and circulating tumour cell
capture21 are some examples of interesting applications of
high aspect ratio nanostructures, and further developments
rely on a better understanding of the fundamental interactions
between cells and nanostructures. In this work we have
developed a flexible nanostructured polymer-based system
optimized for cell biology applications and investigations.
Our results demonstrate strong interactions between cells and
high aspect ratio polymer nanostructures, influencing several
aspects of cell response. Due to the design of our system,
where the nanostructures were produced directly on standard
glass cover-slips, super-resolution microscopy methods such
as TIRF, STED and 3D-SIM together with live-cell imaging
revealed details about how the actin cytoskeleton and cell
membrane conform to and bind to the nanostuctures, giving
important indications of the underlying mechanisms of cell
responses. In particular, detailed views of actin associating
with nanopillars, actin fiber guidance by nanolines, cell
membrane wrapping of nanopillars and the dynamics of
cell adherence on the nanopillars demonstrate the range
of little characterized biological responses to high aspect
ratio nanostructures that were investigated in the presented
system. In addition, due to the flexibility of the single-step
patterning and fabrication approach together with high control
over nanostructure surface chemistry, the range of tunable
parameters greatly increases, allowing us to e.g. explore the
effects of nanolines compared to nanopillars. However, here
we only investigated a small subset of the available parameter
space offered by the presented fabrication and chemical
modification processes. Although we focus on high aspect
ratio nanostructures, the introduced platform can be extended
to other types of nano-scale patterns. A range of further
parameters, especially independent tuning of nanostructure
geometry and surface chemistry, should be further investi-
gated for their influence on the structure and functionality
of different cell types. Through the use of systems that are
controllable yet flexible, one can start to unravel the causal
relationships between membrane dynamics, cytoskeletal
arrangements, and functional cell responses that lead to novel
biotechnological applications.

Materials and Methods

SU-8 nanostructure fabrication

All chemicals and reagents were purchased for Sigma-Aldrich
(Oslo, Norway) unless otherwise specified.

0.17 mm (# 1.5) glass cover slips (Menzel-Glaser borosil-

icate glass) were cleaned in acetone, isopropanol and DIW,
then subjected to oxygen plasma of 0.8 mbar at 100 W for 2
minutes in a Diener Femto plasma cleaner. The glass was then
rinsed again in acetone, isopropanol and DIW, dehydrated for
2 minutes on a 95 ◦C hot plate, before spin coating SU-8.

To produce SU-8 solutions of different viscosities (and
therefore final film thickness), SU-8 2100 (Microchem) was
diluted in SU-8 2000 thinner (cyclopentanone, Microchem).
Fluorescent SU-8 was made by mixing the SU-8 with the hy-
drophobic laser dyes Rhodamine 6G or Oxazine 170. The
dyes were dissolved directly in the SU-8 resist to a final con-
centration of 100 µg mL−1. SU-8 was spin coated at 6000 rpm
for 36 s to produce SU-8 layers of the desired thickness (from
100-2000 nm). The samples were then soft-baked for 1 minute
at 95 ◦C.

Electron beam exposure of the SU-8 was performed in a Hi-
tachi S-4300 SEM modified with a Raith Quantum stage and
pattern generator. The exposures were performed at 30 kV
with a 100 pA beam current. The exposure dose was var-
ied to find the optimal exposures as described in the main
text. Nanopillars and nanolines were typically exposed as
single-pixel dots or lines, but larger areas could be written
to achieve larger features. Optimized exposure doses for dif-
ferent feature types are detailed in the electronic supplemen-
tary information (ESI†). The samples were then post-exposure
baked at 95 ◦C for 1 minute, developed with mild agitation
for 20 s in SU-8 developer (mr-dev 600, Microchem), 20 s
in fresh developer then rinsed in isopropanol and dried with
N2. Longer post-exposure bakes (2-5 minutes) were possible,
and lead to nanostructures with increased diameter but also
increased stability during handling. Oxygen plasma thinning
of the nanopillars was performed for 30-210 s in a 0.4 mbar
oxygen plasma at 50W.

Finished devices were scribed using a Dynatex DX-III
scriber into small samples (typically 6x6 mm). The samples
were imaged using a Hitachi S-4300 or Hitachi S-5500 SEM
after sputter coating a 5 nm Au layer for observation, and a Le-
ica SP5 confocal microscope with the appropriate laser lines
(561 nm for Rhodamine6G, 633 nm for Oxazine 170). During
SEM imaging the samples were tilted to 40◦ or 85◦ for obser-
vation of standing nanopillars. Electron trajectory simulations
were performed using Casino v. 2.4864.

Unless specifically modified as described below, samples
for cell culturing were typically treated with oxygen plasma at
0.4 mbar at 50 W for 30 s.

SU-8 surface modification and surface characterization

Wet chemical surface modification of SU-8 was performed
by incubating test surfaces in aqueous solutions containing
molecules with thiol or amine groups. The SU-8 test surfaces
were made as above, but instead of electron-beam lithography
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exposure, the SU-8 was flood-exposed or exposed through a
quartz-chrome mask with 365 nm UV light 500 mJ cm−2 in a
Carl Suss MA6 mask aligner. Surfaces patterned by electron
beam lithography where tested in the last step of the method
development process. During initial experiments, a contam-
inating layer was observed on the glass surface after SU-8
processing (unless oxygen plasma treatment was used). Thus
a cleaning step was implemented prior to surface modifica-
tion: The sample was immersed for 1 minute in 1 M NaOH in
milliQ water at 50 ◦C.

The pH of each modification solution was set to the
pKa of the active thiolate or amine species. Solutions
of 1 M of ethanolamine (pH=9.50), cysteamine (pH=8.2),
β -mercaptoethanol (pH=9.64), and a 1 mM solution of
O-(2-Mercaptoethyl)-O-methylpolyethylene glycol (PEG-SH,
molecular weight 10kDa, pKa not available but assumed to
be similar to 3-methyl mercaptoproprionate at pH=9.33) were
made in milliQ water and the pH was set by addition of
1 M HCl or 1 M NaOH, or 10 mM bicarbonate in the case
of PEG-SH. Working solutions were freshly made to avoid
auto-oxidation of the thiol species65. To increase the shelf
life of stock thiol-containing solutions, 1 mM of EDTA was
added, and the pH was left at the native pH of the solutions
before adding NaOH, reducing the number of active thiolate
species to a minimum. Just before use, the appropriate amount
of 1 M NaOH was added to increase the pH to the value given
above. After incubating the samples for a certain reaction time
(typically 60 minutes) at room temperature, the surfaces were
rinsed thoroughly in milliQ water and dried using compressed
air.

To assess the efficacy of the various modification solutions,
contact angles were measured on the modified SU-8 surfaces.
2 µL droplets were dispensed and static, advancing and re-
ceding contact angles were measured using an in-house made
contact angle measuring apparatus. The contact angle images
were analysed using the LB-ADSA part of the Droplet Anal-
ysis plugin66 for FIJI67. At least three samples per condition
were measured.

X-ray photoelectron spectroscopy (XPS) measurements
were performed using a Specs PHOIBOS-150 hemispherical
electron analyser and MgKα X-ray lamp (hν = 1253.6 eV)
connected to a custom UHV system with base pressure of
1E-10 mbar. Survey scans were collected at Epass = 150 eV
and Estep = 1 eV, and selected regions (N 1s and S 2p) were
captured for the same pass energy and Estep = 0.1eV. Silicon
wafers with 500 nm SU-8 films, native or modified for 1 hour
with cysteamine as described above, were washed in ethanol
in a ultrasonic bath and then blown dry with N2 gas before
being introduced into the vacuum system.

To verify the functionality of the surfaces, SU-8 features
prepared by UV-lithography or electron beam lithography
and modified according to the procedures above were la-

belled using the amine-reactive NHS-rhodamine. 1 µM NHS-
rhodamine in 10 mM HEPES, pH=8.0 was incubated for 1
hour on each sample, and the samples were rinsed thoroughly
in ethanol and milliQ water before imaging. The fluorescent
intensity was measured using 561 nm excitation and 580-650
nm emission on a Leica SP5 confocal microscope, at least
three samples per condition were measured.

Finally, SU-8 and glass were independently modified and
labelled. For fluorescence visualization experiments, the SU-
8 was first modified by cysteamine and labelled with NHS-
rhodamine and cleaned as described above, then the glass was
labelled with 1 mg ml−1 FITC-labelled poly(ethylene imine)
in milliQ water for 1 hour, prepared as described previously68.

For differential cell adhesion experiments two modifica-
tion schemes were employed. To repel cell attachment
from glass while allowing cell attachment to SU-8 features,
the samples were incubated in 0.1 mg ml−1 PLL(20kDa)-g-
PEG(5kDa) (Susos AG, Dübendorf, Switzerland) in 10 mM
HEPES, pH=7.4 at room temperature for 1 hour69. To repel
cell attachment from the SU-8 features while allowing cell at-
tachment on glass, the samples were incubated in 1 mM SH-
PEG in 10 mM bicarbonate, pH=9.33. The last incubation was
performed under UV illumination from a Dymax Bluewave 50
UV lamp for 15 minutes (approximate illumination intensity
of 30 mW cm−2)43.

Cell experiments

For cell experiments, a simple procedure was used to integrate
the nanostructured samples into suitable cell culturing dishes:
3.5 mm holes were drilled into the base of 35 mm polystyrene
petri dishes (Nucleon, tissue culture treated). Subsequently,
the sample was adhered underneath the petri dish with a thin
layer of liquid paraffin. As the paraffin solidified, a robust,
water-tight seal was formed, with the SU-8 features on glass in
small, shallow wells in the base of the petri dish. See ESI† Fig-
ure S6 for a detailed schematic.

HeLa cells were grown in DMEM (Gibco, Invitrogen,
Oslo, Norway) supplanted with 10% FBS (Invitrogen) and
1% pen/strep and passaged regularly. Cells were seeded
in the modified 35 mm dishes at a typical density of
20000 cells/cm2, i.e. 200 000 cells per dish. For live cell
imaging cells were labelled with 1 µM calcein-AM (Invitro-
gen) and Hoechst 34580 in complete DMEM for 30 minutes.
The media was then changed to Leibovitz L-15, a CO2 inde-
pendent medium, and cells were imaged at 37 ◦C.

For fixed cell experiments, cells were fixed in 4%
paraformaldehyde in PBS. Cells were then labelled with
CellMask Orange (Invitrogen), Hoechst 34580, or permeabi-
lized for 3 minutes in 0.1% Triton X-100 and labelled with
phalloidin-Alexa488 (Invitrogen). For 3D-SIM experiments,
cells were mounted in Vectashield, while for confocal and
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STED experiments cells were mounted in Mowiol with 0.05%
PPD.

As CellMask Orange does not survive cell permeabiliza-
tion, in experiments where both the membrane and actin was
visualized the cells were fixed, labelled with CellMask and
imaged, before permeabilizing and labelling actin. The same
cells were re-located on the sample and the images were auto-
matically overlayed using the StackReg plugin70 for FIJI.

Cell imaging

Live and fixed HeLa cells were imaged using a Leica SP8 or
SP5 confocal microscope either with a 10X 0.4NA air objec-
tive or a 63X 1.4NA oil objective, a Zeiss Axio Observer Z1
TIRF with a 100X 1.4NA oil objective and a Andor iXon DU
897-BV EMCCD camera, a OMX V4 Blaze 3D-SIM micro-
scope with a 100X 1.45NA oil objective and a Leica SP8 con-
focal microscope with a 592 nm STED depletion laser and a
100X 1.4NA oil objective. High resolution confocal images or
stacks were acquired with a 70 nm pixel size and 200 nm slice
spacing, TIRF images were acquired at 100 nm pixel size, 3D-
SIM images were acquired at 80 nm pixel size with 120 nm
slice spacing. STED images were acquired at system opti-
mized pixel size, typically 20-30 nm in XY and 80-100 nm i
Z. 3D-SIM images were deconvoluted using software supplied
with the microscope, and STED images were deconvoluted us-
ing Huygens Professional.

Cell images were prepared using FIJI. Automated analysis
of cell viability and cell shape was performed using CellPro-
filer71. For cells on nanopillars, 6 parallel samples were anal-
ysed, for a total of over 3600 cells (at least 600 cells for each
condition, 4 different nanopillar spacings and 2 control areas).
For cells on nanolines, 3 parallel samples were analysed, for
a total of over 1800 cells. TIRF and widefield images were
inspected manually, at least 25 cells per nanopillar spacing
(spacings of 1 µm, 2 µm, 5 µm and 10 µm) were investigated,
for a total of 120 analysed cells..
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